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Abstract 

Recent studies of wild felid populations in southern Texas have shown loss of genetic 

variability and inbreeding depression over time, increasing the risk of reduced reproductive and 

immune fitness leading to an overall decrease in reproductive success, increase in disease 

susceptibility, and further population demise.  Assessment of general health, pathogen exposure, 

and reproductive health can provide documentation of the possible effects of inbreeding and 

inform the development of conservation strategies.  Assisted reproductive technologies have 

been used in many other species and can address behavioral or physical incompatibilities among 

breeding pairs, connect distant populations by transporting frozen gametes, preserve genetic 

diversity within liquid nitrogen tanks and link wild and human-managed populations without the 

movement of individuals.  The main goals of this study were to: (1) determine the general and 

reproductive health status and pathogen prevalence of free-ranging ocelot and bobcat populations 

in south Texas, given the concern for the impact of declining genetic diversity on population 

health, (2) compare the effectiveness of urethral catheterization (UC) and ultra-rapid freezing 

(URF) to traditional cryopreservation methods as a field-friendly semen collection and 

cryopreservation combination, and (3) assess the use of laparoscopic oviductal artificial 

insemination (LO-AI) in human-managed ocelot females with semen from wild Texas males to 

explore the feasibility of this approach to facilitate ocelot pregnancies.  While our populations 

did not show declines in general health, reproductive health parameters of wild ocelots were 

inferior to human-managed ocelot populations and bobcats exhibited low overall semen quality 

similar to other Lynx species.  We found that UC collected samples were consistently damaged 

by urine contamination for ocelots and that electroejaculation with straw freezing was superior.  

For bobcats, while UC and URF appeared adequate, electroejaculation would need to be further 

explored.  No pregnancies (0/5) have been produced in ocelots by LO-AI using frozen-thawed 

semen thus far; however, eventual success with this technique will allow the use of minimal 

sperm numbers to promote gene flow among isolated populations and re-establish extirpated 

populations with genetically diverse individuals.  Further assessment of bobcat sperm viability in 

vivo will be required to demonstrate the practicality of these methods for future conservation 

initiatives. 
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Introduction 

Ocelots (Leopardus pardalis) currently reside in the United States in two, small 

populations with a total of 60-80 cats surviving in the dense thorn scrub of southern Texas [1-3]. 

Historically, the ocelot’s distribution in the United States consisted of Arizona, Arkansas, 

Louisiana, and Texas [4]; however, Texas ocelots have declined considerably throughout their 

range due to habitat fragmentation and loss, resulting in low population numbers, limited 

connectivity, and declines in genetic diversity compared to ocelot populations in Latin American 

countries [5-6].  In the 1980’s, the US Fish and Wildlife Service and Texas Parks and Wildlife 

Department, listed the ocelot (Leopardus pardalis) as endangered, despite other ocelot 

subspecies being common in parts of Central and South America [5,7].  The nearest known 

ocelot populations relative to the two remaining populations in Texas exist to the south in the 

State of Tamaulipas, Mexico and are believed to be larger and less fragmented [1].  The strong 

habitat selection of ocelots for dense thorn shrub, and avoidance of areas with less than 75% 

canopy cover, is thought to reduce movement between relatively close habitat patches [8], which 

further decreases the chance for genetic exchange and increases the likelihood of inbreeding 

depression. Another medium sized felid, the bobcat (Lynx rufus), can be found extending from 

southern Canada to northern Mexico and throughout the US [9].  Although listed as a species of 

least concern according to the International Union for Conservation of Nature (IUCN) Red List 

of Threatened Species [10], loss of habitat is an increasing threat to some populations, making 

conservation initiatives for this species important for future survival in the wild.  

Reduction in genetic variation among wild felids has the potential to decrease the average 

individual fitness in each population, a phenomenon termed “inbreeding depression” [11].  

Inbreeding depression affects offspring fertility and offspring survival, potentially increasing 

susceptibility to pathogens such as viruses, bacteria, and parasites [12-15]. Furthermore, genetic 

drift can contribute to reduction in fitness through the fixation of detrimental alleles [16].  

Genetic drift and inbreeding compromise fitness and interact with demographic irregularity to 

further reduce viability of populations [16-18].  Texas ocelot populations are especially at risk of 

inbreeding depression and genetic drift due to the separation into two distant breeding 

populations, which have had no documented dispersal between the two in the past 30 years [3].  

Studies have illustrated a decrease in mitochondrial and microsatellite markers in Texas 

populations, especially in the population at Laguna Atascosa National Wildlife Refuge 



2 

 

(LANWR) [6] and have documented signs of inbreeding depression and decreased genetic 

variability in Texas ocelot populations [1,6,19].  Additionally, computer modeling indicates that 

the ocelot is at risk of extinction in the US within the next few decades due to low genetic 

diversity, restricted gene flow between populations, and limited connectivity to other ocelot 

populations due to habitat fragmentation [3].  

The effects of inbreeding vary among species and may be due to different mean levels of 

inbreeding depression over time [16].  To combat inbreeding depression, dispersal between 

genetically different wild populations is critical.  An alternative solution is translocation of 

individuals between populations and/or the use of assisted reproductive technologies to move 

genetic material rather than entire individuals.  Introduction of individuals from different 

populations or captive bred populations has the potential to introduce pathogens to naïve 

populations. 

Proposed Texas ocelot population recovery actions include protecting and restoring ocelot 

habitat, introducing genetic variation into the existing population, development of a captive 

breeding program to establish new ocelot populations, creating a biological resource bank, and 

developing assisted reproductive technologies (ART) for artificial insemination [20-21].  ART 

can be used in many species to address behavioral or physical incompatibilities among 

genetically suitable breeding pairs, connect regional populations by transporting frozen semen 

and embryos, preserve genetic diversity using liquid nitrogen tanks, and link wild and human-

managed populations without removing animals from the wild [20].  ART is currently used for 

management of ocelot populations in zoos.  Brazilian and generic ocelot populations in managed 

care have benefitted from the development of ART to optimize genetic exchange and 

demographic stability and contributed to scientific knowledge of the species.  

The objectives of this study were similar in methodology but differed in purpose for each 

species.  For ocelots, we aimed to 1) assess the general health and pathogen prevalence of the 

resident population in southern Texas at present and over time, 2) examine the feasibility of a 

new method of semen collection (urethral catheterization) to assess the reproductive health of 

free-ranging male ocelots in southern Texas as related to other genetically diverse populations, 3) 

compare two semen cryopreservation techniques to determine the best method for long-term 

storage of free-ranging ocelot spermatozoa in liquid nitrogen, and 4) evaluate the success of 

laparoscopic oviductal artificial insemination using frozen-thawed wild ocelot sperm for future 



3 

 

propagation of the species and introduction of novel genetics to imperiled populations.  For 

bobcats, we aimed to 1) assess the general health and pathogen prevalence of the population at 

present and over time, 2) describe the reproductive health and normative seminal traits of free-

ranging bobcats for the first time and compare findings to ocelots and other species of the Lynx 

genus, and 3) compare two sperm cryopreservation techniques to determine the best method for 

long-term storage should this population experience declines in the future like many other felid 

species.  

 The following dissertation is organized accordingly to answer our objectives.  We first 

sought to determine and describe the general and reproductive health of these populations to 

understand the possible impact that declining genetic diversity may play on the general health 

and reproductive success of inbred populations.  Following health assessments, we investigated 

the use of established assisted reproductive techniques to determine the best methods for semen 

collection and cryopreservation in free-ranging felids for the storage of genetic diversity, 

creation of a genetic resource bank, and future utilization of these samples for the conservation 

of wild felids.  Lastly, we sought to assess the efficacy of cryopreserved samples for in vivo 

laparoscopic artificial insemination procedures in ocelots as a valuable tool to mitigate the 

genetic decline seen in wild populations and as a recovery option for imperiled US populations 

without the sole reliance on the translocation of individuals.  
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Chapter I: Assessment of general health status and pathogen prevalence in 

free-ranging ocelot (Leopardus pardalis) and bobcat (Lynx rufus) populations 

of south Texas 
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Abstract 

Wild felid populations in southern Texas have shown signs of decreased genetic diversity 

and inbreeding depression over the last few decades.  Declining immune fitness due to loss of 

genetic heterozygosity can allow for increased susceptibility to pathogens and diseases.  Our 

primary objectives in this study were to determine the general health and pathogen prevalence of 

free-ranging ocelots and bobcats by evaluating hematologic values (complete blood 

counts/biochemical profiles), parasite loads (fecal exams, ectoparasite identification), and 

pathogen presence (viral/bacterial assays) to investigate the possible effect of decreased genetic 

diversity on wild felid populations of southern Texas and to provide baseline data for future 

comparisons.  Blood smear analysis, and serum and whole blood testing for evidence of viral, 

vector-borne, and blood-borne pathogens were conducted on 80 felids (ocelots, n=31; bobcats, 

n=49) spanning 35 years (1985-1986, 2010-2012, 2019-2022).  Hematologic and biochemical 

values did not vary based on sex and, while some values were similar to previous reports for 

ocelots and bobcats, values did not consistently agree with reports for human-managed or other 

free-ranging populations.  Positive serological results were found for Feline Immunodeficiency 

Virus (FIV) (18/80; 22%), Trypanosoma cruzi (4/80; 5%), and Toxoplasma gondii (46/80; 

57.5%).  Positive PCR results were found for Ehrlichia spp. (2/80; 2.5%), Hepatozoon spp. 

(32/80; 40%), and Leishmania spp. (2/80; 2.5%) with a higher prevalence in males for most 

pathogens.  Clinical signs of disease were not observed in any individual suggesting subclinical 

infection, recovery from prior episode of clinical disease, or lack of susceptibility to disease. The 

most common intestinal parasites were Toxascaris leonina (roundworm) and an unknown 

Ancylostomid spp. (hookworm), while the most common ectoparasites were ticks (Dermacentor 

variabilis) and fleas (Pulex spp).  Increases in prevalence over time were observed for two 

pathogens (Leishmania spp. and Ehrlichia spp.), suggesting the emergence of these pathogens 

within these populations in recent years, increased susceptibility to these pathogens due to 

genetic decline, or a lack of statistical power in low sample numbers from previous years.  These 

findings provide a better understanding of the population’s general health and assist wildlife 

managers in planning strategies that aid in reducing or preventing transmission of infectious 

disease agents to these endangered populations. 
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Introduction 

     Although ocelots are a species of “least concern” on the International Union for Conservation 

of Nature (IUCN) Red list, Texas ocelot (Leopardus pardalis) populations remain listed in the 

Environmental Conservation Online System (ECOS) under the Endangered Species Act (ESA) 

as endangered and have experienced dramatic declines and decreased genetic diversity due to 

isolation [1-4].  There are two geographically distinct breeding populations of ocelots in the 

United States that reside in southern Texas: Laguna Atascosa National Wildlife Refuge 

(LANWR) population and a population of ocelots residing on private ranches in Willacy and 

Kenedy counties [5-6].  The decrease in population numbers is thought to be due to mortality 

from vehicle collisions, natural disasters, reduced fitness, competitive suppression with other 

resident predators, and loss of habitat [2, 7-8].  These sources of mortality are thought to stem 

from habitat fragmentation due to urbanization, such as the building of highways [1, 9-10] and 

interspecific competition for resources with other large predators such as bobcats (Lynx rufus) 

and coyotes (Canis latrans) [11-13].  In turn, condensed ocelot population size has continually 

reduced genetic variation within those populations [10, 14].  A reduction in genetic variation has 

also been reported for bobcat populations in Texas, although there has not been a documented 

decline in their population size [9].  It is theorized that this is due to anthropogenic influences 

creating physical divides and splitting larger populations into multiple smaller ones, similar to 

ocelots [9-10].  

The reduction in genetic variation among wild felids has the potential to decrease fitness 

at an individual level and within the population as a result of inbreeding depression [15].  

Dispersal between genetically different populations is critical to combat inbreeding depression.  

Due to habitat fragmentation, natural dispersal between the two ocelot populations in Texas has 

not been documented in the last few decades and is unlikely in the future.  Alternative solutions 

include translocation of individuals between populations and/or the use of assisted reproductive 

technologies to introduce novel genetics into imperiled populations.  These actions demonstrate 

the importance of general health monitoring and pathogen testing in order to decrease the 

possibility of disease spread and further population demise.  Additionally, assessment of health 

parameters over time can provide important information regarding the impact of declining 

genetic diversity on the health of remaining populations.  Non-domestic felines have been 
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reported to be susceptible to all pathogens, such as viral, parasitic, and bacterial, that have the 

ability to infect domestic feline species [16].  

Two viral pathogens of concern for transmission among and between feline species are 

Feline Leukemia Virus (FeLV) and Feline Immunodeficiency Virus (FIV).  Feline Leukemia 

Virus is a gamma retrovirus [17] that can be transmitted vertically to kittens and horizontally 

between other adult cats [18].  While FeLV is rarely diagnosed in non-domestic feline species 

[19], most cases have been reported in human-managed individuals that have been exposed to 

infected domestic felines [20-21], and the only wild species known to have endemic FeLV in 

their populations is the European wildcat [22].  Additionally, FeLV has been found in other non-

domestic free-ranging feline populations including mountain lions (Puma concolor) [23], Iberian 

lynx (Lynx pardinus) [24], and guigna (Leopardus guigna) [25].   

Feline Immunodeficiency Virus is a lentivirus [26] that has variable prevalence in 

domestic and non-domestic cat populations across the world [19, 25-28].  The virus is primarily 

transmitted through bite wounds but can be spread in the absence of fighting in 

immunosuppressed individuals and has been experimentally transmitted from mother to kitten 

[18].  Most infectious strains of FIV are considered species-specific [29] and tend to be grouped 

due to geographic patterns rather than relation of the affected species [30].  Cross-species 

transmission has been reported [30-31], but is rare and most instances are documented in captive 

settings where risk of contact with other felids is higher [30].   

A zoonotic parasite of concern is Toxoplasma gondii.  Toxoplasmosis is the disease 

caused by infection with T. gondii [32-33].  The definitive hosts include all members of the 

family Felidae, and any warm-blooded animal can be an intermediate host, including humans 

[32-33].  Transmission of T. gondii can occur horizontally through ingestion of infected 

undercooked animal tissue, and contaminated water or food [34-35], and vertically, through 

transplacental and lactogenic infection [33-34].   

Various vector-borne pathogens, such as those transmitted by ticks, triatomine bugs, and 

sand flies, have been identified in many mammalian species and although they may not cause 

significant disease in certain animals, many carry zoonotic concerns for the humans that work 

with them [36].  Trypanosoma cruzi, a pathogen endemic in the southern half of the US [37-38], 

is transmitted by the triatomine bug vector causing Chagas disease in various mammalian 

species.  Two non-domestic cat species, ocelots and pumas (Puma concolor) have been reported 



11 

 

seropositive for T. cruzi [39-40] and infection rates were shown to increase with the number of 

vertebrate species present in the diet [41].   

Several tick-borne pathogens have been documented in the United States or surrounding 

countries and many have the potential to infect not only feline species, but humans as well.  A 

few pathogens of concern include Ehrlichia spp., Rickettsia spp.,  Anaplasma spp., Hepatozoon 

spp., Babesia spp., and Leishmania spp.  Various tick vectors have been identified in the 

transmission of these pathogens to humans and animals worldwide [42-43] although some 

vectors still remain unknown [43].  Most of these vector-borne pathogens do not produce clinical 

disease in cats, the pathogenesis has not been described in feline species [36].  Opportunistic 

screening of wild animals for these pathogens can aid in detecting the introduction of a novel 

pathogen or the spread of emerging diseases.  Furthermore, most tick-borne illnesses present 

with similar clinical signs, making testing crucial to discern the causative agent(s) of disease and 

especially important when translocating individuals from countries with endemic disease to a 

country with no known detection of such disease, pathogen, or vector of causative agents.  

Leishmaniosis (leishmaniasis) is a chronic, protozoal disease of humans, canines, and 

other animals transmitted by the bite of an infected sand fly [44].  This disease is prevalent in 

Africa, Central and South America, the Middle East, Asia and the Mediterranean [44-46] and 

only occasionally reported in the United States [47-49].  While rare in domestic cats, debilitating 

skin disease has been described [44, 46, 50].  Factors predisposing individuals to susceptibility 

include immunosuppression secondary to FIV, FeLV, or other disorders/diseases causing 

immune decline [50].  In non-domestic felines, reports of infection and exposure have been 

documented in wild cats (Felis silvestris) in Spain [51-52] and sand cats (Felis margarita) in 

Saudi Arabia [53].  

Ocelot and bobcat populations in southern Texas share habitat borders with local 

communities reported to have large numbers of free-ranging, feral domestic cats.  This increases 

the concern for transmission of various pathogens among domestic cats, bobcats and ocelots 

which could negatively impact endangered ocelot populations.  The goals of this study were to 

determine the general health of ocelot and bobcat populations in southern Texas by performing 

complete blood counts, serum biochemical analysis, and examining intestinal parasite and 

ectoparasite infections of individuals live-captured for research from 2019-2022.  Additionally, 

we used archived blood samples from ocelots and bobcats captured in southern Texas from 
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1985- 2022 to conduct pathogen testing to document changes in prevalence over time given the 

documented decline over time in genetic diversity of the Texas ocelot populations. 

Materials and Methods 

Animals and Sample collection 

Free-ranging felids were captured using modified Tomahawk traps (Tomahawk Live 

Trap Co., Tomahawk , Wisconsin, USA) on private ranches in Willacy and Kenedy counties in 

southern Texas and the Laguna Atascosa National Wildlife Refuge (LANWR).  A separate 

hardware cloth extension measuring 51 cm X 38 cm X 51 cm was added to the trap to contain a 

live pigeon or small chicken that was provided water and feed ad libitum.  Birds were used as 

visual lures and the cat was unable to capture the live pigeon or chicken.  Traps were checked 

each morning following sunrise to ensure release of captured animals by early to mid-afternoon.  

All felids were immobilized and maintained at a light anesthetic plane of anesthesia using an 

injectable combination of ketamine hydrochloride (target dose: 5-8 mg/kg bodyweight; 

Wedgewood Pharmacy: Wildlife Pharmaceuticals, Inc. and ZooPharm, Swedesboro NJ) and 

medetomidine (target dose: 0.05-0.07 mg/kg bodyweight; Wedgewood Pharmacy: Wildlife 

Pharmaceuticals, Inc. and ZooPharm, Swedesboro NJ) given intramuscular via pole syringe.  

Fasting prior to the anesthetic event was not possible due to the free-ranging nature of the target 

species.  Body condition score was recorded on a zero (emaciation) to five (obese) scale 

interpreted from guidelines put forth by the Felid Taxon Advisory Group and AZA Nutrition 

Advisory Group (https://nagonline.net/3877/body-condition-scoring/). Body temperature, heart 

rate, respiratory rate, pulse oximetry, jaw tone, and capillary refill time were monitored 

throughout the procedures.  Venipuncture was completed via the jugular, cephalic, femoral 

and/or saphenous veins.  Blood samples were divided into EDTA tubes for complete blood count 

assessment and non-additive red top serum tubes for chemistry analysis.  Fecal samples were 

collected from the live box trap or by passing a lubricated fecal loop (approximately 1.91 cm in 

diameter) approximately 5.08 to 10.16 cm into the rectum, rotating and removing the loop.  Fecal 

samples were divided into cryovials for storage and ~ 1 gram of feces placed in 30 ml of 

formalin for later fecal examination.  All visible ectoparasites were collected with forceps and 

placed into alcohol for preservation and later identification.  Sites of ectoparasite collection 

include the ears, perianal region, nape of the neck and full body visual scan was performed for 
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additional ectoparasites.  Each felid received 10-20 mL per kg body weight of lactated ringer’s 

solution subcutaneously between the shoulder blades during the procedures.  Abdominal 

ultrasonography was performed for each female using the IBEX PRO® (E.I. Medical Imaging) 

for pregnancy status. At the conclusion of the procedure, we administered intramuscular 

atipamezole (dose: 5 mg of atipamezole per 1 mg of medetomidine ; Wedgewood Pharmacy: 

Wildlife Pharmaceuticals, Inc. and ZooPharm, Swedesboro NJ) to antagonize the effects of the 

medetomidine. All animal use was approved by and in accordance with the policies of the 

Institutional Animal Care and Use Committee (IACUC) at Texas A&M University- Kingsville 

(TAMUK), Caesar Kleberg Wildlife Research Institute (CKWRI), and the University of 

Tennessee- Knoxville and the study was permitted by the United States Fish and Wildlife 

Service (USFWS).   

Complete Blood Count and Biochemical Analysis 

Serum tubes were allowed to clot for a minimum of 20 minutes, centrifugated for 10 

minutes at 1,968 g once returned to the laboratory, and the serum was removed for serum 

chemistry analysis.  Chemistry analysis was completed using the IDEXX Catalyst One 

Chemistry Analyzer and a Chem 10 CLIP (IDEXX Laboratories, Inc., Westbrook, Maine USA).  

Complete blood count analysis was performed using the IDEXX Procyte DX Hematology 

Analyzer (IDEXX Laboratories, Inc., Westbrook, Maine USA) using whole blood in EDTA.  

Chemistry analysis and complete blood counts were completed on the day of or within 1-3 days 

of collection. Serum and whole blood remained refrigerated at 4°C until chemistry analysis and 

complete blood count could be performed. All reagents and controls were purchased from 

IDEXX Laboratories, Inc.  Two blood smears were created per individual: one stained with Diff 

Quik (Jorgensen Laboratories, Inc. Loveland, CO, USA) and the other remained unstained. 

Differential counts were performed on stained blood smears under 1000X oil immersion using a 

biological compound microscope.  Blood smears were assessed for platelet number by taking the 

average number of platelets in five microscopic fields and multiplying them by 15,000 and 

20,000 for a platelet range estimate.  The remainder of the serum and whole blood were frozen at 

-40 °C for pathogen testing. 
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Pathogen Testing 

Whole blood was used to test for feline leukemia virus and feline immunodeficiency 

virus using IDEXX Feline Leukemia Virus Antigen-Feline Immunodeficiency Virus Antibody 

Test Kit (IDEXX Laboratories, Inc., Westbrook, Maine USA).  Testing was conducted and 

results interpreted following the guidelines within the Snap Combo package insert  

(https://www.idexx.com/files/SNAP_COMBO_package_insert_032917.pdf) as instructed by 

IDEXX Laboratories, Inc., Westbrook, Maine USA.  Positive tests and a subset of negative tests 

were confirmed by FIV Western Blot (WB) testing at the National Veterinary Laboratory (NVL 

Laboratories, Inc.; Seattle, WA).  Toxoplasma gondii titers were evaluated using the T. gondii 

MAT test kit (TgMAT Kit) for detection of anti-Toxoplasma IgG antibodies within serum [54-

55].  Methods and results were performed and interpreted according to the recommended 

protocol for MAT test provided by the University of Tennessee 

(https://volweb.utk.edu/~csu1/MATprotocol.pdf ; https://volweb.utk.edu/~csu1/TgMAT-

Modified_Agglutination_Test.html) and as such, a titer equal to or greater than 1:25 was 

considered to be a positive test result.  

Blood smears were examined using light microscopy using a Wright-Giemsa stain kit 

(ThermoScientific, Inc.) at 400X, 500X, and 1000X oil immersion to suggest infection with 

Hepatozoon spp., Babesia spp., Leishmania spp., Trypanosoma cruzi, Ehrlichia spp., Rickettsia 

spp., and Anaplasma spp. Extraction of DNA was completed via the DNeasy Kit (Qiagen; 

Germantown, MD) was performed on whole blood samples, which then underwent conventional 

PCR for the detection of blood-borne pathogens.  Following PCR, gel electrophoresis was 

performed using a 1.5% agarose gel and results were evaluated under ultraviolet light.  All PCR 

positive samples were confirmed via Sanger genetic sequencing and the nucleotide BLAST 

function through GenBank. A negative DNA extraction control, negative PCR control, and 

positive PCR control were used for each pathogen tested via PCR.  Hepatozoon spp. and Babesia 

spp. DNA were amplified using a nested PCR technique first described by Gubbels, et al. [56].  

Ehrlichia spp. DNA was amplified using a nested PCR protocol described in Anderson, et al. 

[57] and Breitschwerdt, et al. [58].  Similarly, a nested PCR protocol described in Stothard & 

Fuerst [59] was used to amplify rickettsial DNA.  A 16s rRNA targeted primer was used to 

detect Anaplasma spp. as described by Martin, et al. [60] via standard PCR.  Trypanosoma cruzi 
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testing was conducted by the Texas A&M Veterinary Medical Diagnostic Laboratory (TVMDL; 

College Station, TX). 

Fecal and Ectoparasite Analysis [61-64] 

 Each sample of scat stored in formalin (ocelots, n=17; bobcats, n=31) was analyzed using 

standard single centrifugal fecal flotation for identification of parasite ova and oocysts using 

Sheather’s sugar solution (specific gravity 1.27).  The contents of each formalin container were 

homogenized using a wooden tongue depressor.  For each sample, five mL of the scat and 

formalin suspension was removed using a disposable syringe and placed into a disposable cup.  

Ten mL of Sheather’s sugar solution was added to the cup and homogenized with a wooden 

tongue depressor.  A 4x4 woven gauze was used to strain the mixture into a 15-mL conical 

polystyrene centrifuge tube.  Sheather’s sugar solution was added to the centrifuge tube using a 

disposable 7-mL transfer pipette until formation of a positive meniscus.  A glass cover slip was 

pressed onto the top of the centrifuge tube and the tube was placed into a swing-out centrifuge 

(C5 Centrifuge, LW Scientific, Lawrenceville, GA).  Samples were centrifuged at 208 g for 6 

minutes and then left to stand for 10 minutes.  Cover slips were removed and placed individually 

onto labeled glass microscope slides.  Each sample was processed with its own materials and 

disposable nitrile gloves to prevent cross-contamination.  Presence of parasite ova was 

determined by light microscopy on 100x magnification and confirmed on 400x magnification.  

Ectoparasites were transferred for long-term storage into glass screw-cap vials with 70% ethanol.  

They were placed onto a Ward’s PetriSlide with microspatulas, sorted, most hair/tissue removed 

and viewed with a stereo microscope at 20x and 40x magnification. 

Statistical Analyses 

Robust methodology was used (suggested for small sample sizes) [65-66] to develop the 

95% reference limit with 90% confidence intervals around the limits using the 

“referenceIntervals” package in R for blood profile parameters.  Zero values were replaced with 

0.001.  Outlier detection method was Tukey (Horn).  Differences in differential blood cell counts 

and laboratory reported values were compared using the paired sample t-tests.  Mann-U Whitney 

tests were run to test for the effect of sex and disease on blood profile parameters for both 

species.  Non-parametric correlations were performed to look at the relationship of number of 

comorbidities to blood profile parameters.  Descriptive statistics (counts and percentages) are 
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presented for the presence of disease by species, sex, and year.  All comparative analyses were 

run in SPSS 28 with an α of 0.05.  

Results 

Hematological and Biochemical Reference Intervals  

Whole blood and serum samples collected from 2019 to 2022 were analyzed for complete 

blood count and biochemical analysis from adult wild feline species from two genera (Lynx: 

bobcat n=36; 23 male, 13 female and Leopardus: ocelot n=22; 10 male, 12 female).  

Hematological and biochemical reference parameters are presented in Table 1.1 and Table 1.2 

for ocelots and bobcats.  Alkaline phosphatase (ALKP) was unable to be analyzed for either 

species due to a technical error and therefore, we were unable to report reference limits for this 

value.  There was not a significant effect of sex on blood cell parameters for the complete blood 

cell counts or chemistry analytes for either species (p ≥ 0.05).  When assessing the differences in 

white blood cell assessment between values reported by the ProCyte® analyzer and the manual 

differential count, significant differences were found in the percent of neutrophils (p<0.001), 

neutrophil concentration (p<0.001), lymphocyte concentration (p<0.001), percent lymphocytes 

(p=0.007)and platelet concentration (p<0.001); where the ProCyte® counted 4.6 (%) more 

neutrophils, 0.96 (103/μl) more neutrophils, 0.36 (%) more lymphocytes, 0.004 (103/μl) more 

lymphocytes, and 114.3 (103/μl) fewer platelets than the differential assessments.  

Comparative values for free-ranging ocelots and captive ocelots, bobcats, and domestic 

cats can be found in Appendix 1 for reference [70-74].  For ocelots, alanine transaminase (ALT) 

and total protein had wider ranges of values in this study, but were similar to previous reports for 

free-ranging and captive ocelot populations.  Globulins and creatinine values fell within 

previously reported values but were not alike one population alone. Blood urea nitrogen (BUN) 

values reported in this study were different than values reported previously with wider ranges 

overall and a larger maximum value.  For ocelot hematologic values, some ranges were similar 

to human-managed populations (HCT, WBC concentration), free-ranging populations 

(hemoglobin, eosinophils), or fell within the reported ranges for both populations (RBC 

concentration, MCV, MCH, MCHC, neutrophils, platelet concentration).  Of note were the 

differences in particular white blood cell concentrations where lymphocytes and monocytes were 
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less than reported values, and sometimes reached as low as two to three times less.  On the 

contrary, basophil values were greater than previous reports for this species.   

For bobcats, some values (BUN, ALT, glucose) reported in our study were greater than 

reported values for this species and domestic cats, similar to domestic cats (creatinine, 

globulins), or fell slightly greater (total protein) than reported bobcat values.  For bobcat 

hematological values, some values were similar to domestic cats (hematocrit, RBC 

concentration, hemoglobin, MCV),  human-managed bobcats (monocytes, basophils, 

eosinophils) or were similar to both bobcats and domestics cats (MCHC, MCH), while our 

reported ranges often had wider overall reference intervals.  White blood cell concentration and 

neutrophil concentration were greater than reported values in captive populations.   

Pathogen Analysis 

Blood smear examination did not reveal parasitic inclusions for any pathogens tested. 

Bobcat (n= 49; 25 male, 16 female, 8 unknown sex) and ocelot (n=31; 14 male, 14 female, 3 

unknown sex) whole blood and serum samples collected and stored frozen (-40°C) from 1985-

1986, 2010-2012, and 2019-2022 were included for pathogen testing. The prevalence of 

pathogens over time for both species are presented in Table 1.3.  FeLV, Rickettsia spp., and 

Babesia spp. were not detected in either species from 1985-2022.  Pathogen prevalence for our 

population (including both ocelots and bobcats), were FIV (18/80; 22%), Ehrlichia spp. (2/80; 

2.5%), Hepatozoon spp. (32/80; 40%), Leishmania spp. (2/80; 2.5%), Trypanosoma cruzi (4/80; 

5%), and Toxoplasma gondii (46/80; 57.5%).  Pathogen prevalence for ocelots were FIV (7/31; 

22.6%), Hepatozoon spp. (7/31; 22.6%), Leishmania spp. (2/31; 6.5%), and Toxoplasma gondii 

(13/31; 41.9%). For ocelots in which sex was known (male, n=14; female, n=14), males were 

more likely to have a positive test for FIV (35.7% males; 6.3 % females), and T. gondii (42.9% 

males; 37.5% females), whereas females had a greater prevalence of Leishmania spp. (0% males; 

14.3% females) and Hepatozoon spp. (21.4% males; 28.6% females).  Pathogen prevalence for 

bobcats were FIV (10/49; 20.4%), Hepatozoon spp. (25/49; 51%), Ehrlichia spp. (2/49; 4.1%), 

Trypanosoma cruzi (4/49; 8.2%), and Toxoplasma gondii (33/49; 67.3%).  For bobcats in which 

sex was known (male, n=25; female, n=16), males were more likely to have a positive test for 

FIV (28% males; 18.8% females), Ehrlichia spp. (8% males; 0% females), Hepatozoon spp. 

(64% males; 50% females), Trypanosoma cruzi (12%; female 0%), and T. gondii (68% males; 
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62.5% females).  Species of pathogens identified by Sanger genetic sequencing were H. felis, 

luiperdije, silvestris, and ursi; E. ruminatum; and L. donovani. Western blot testing for FIV 

confirmed 56% (10/18) of positive tests and 87% (13/15) of negative tests.  Additionally, for 

positive FIV snap tests, western blot reported 11% (2/18) were negative and 33% (6/18) were 

either indeterminate for domestic feline FIV, detected a similar lentivirus to puma lentivirus, or 

detected an additional unknown lentivirus.  Statistical differences in blood analytes based on test 

results are presented in Table 1.4.  With the presence of comorbidities (≥ 2 positive pathogen 

tests), MCH (p=0.009) declined and monocyte concentration (p=0.028) increased for bobcats; 

and eosinophil concentration (p=0.047) decreased for ocelots. 

Intestinal Parasite and Ectoparasite Identification 

Intestinal parasite analysis was completed for 17 ocelots (females, n=12; males, n=5) and 

31 bobcats (females, n=9; males, n=22).  Intestinal parasites identified within ocelot and bobcat 

population’s included Helminths (subgroups: Ascarid, Trichostronglyid, Capillarid, Cestode, 

Ancylostomatidae), Protozoa (subgroup: Apicomplexa), and Arthropoda (subgroup: mite) 

[Figure 1.1].  Prevalence of parasites and parasite identification by sex and species (ocelot vs 

bobcat) are presented in Table 1.5.  Helminths were identified in 100% of ocelots and 94% of 

bobcats.  Protozoan parasites were identified in 59% of ocelots and 55% of bobcats.  Arthropods 

were identified in the feces in 18% of ocelots and 35% of bobcats.  

Ectoparasites identified in ocelots and bobcats are presented in Table 1.5 and Figure 1.2.  

Bobcats had a greater presence of ticks and fleas when compared to ocelots.  Dermacentor 

variabilis was identified in both with similar tick load (ticks per cat) by species for bobcats 

(male, 3-8; female, 1-9) and ocelots (male, 2-4; female, 1-2).  Amblyomma spp. were identified 

in both species with similar tick load for bobcats (male, 1-2; female, 1-4) and ocelots (male, 1; 

female, 1).  Rhipicephalus spp. was identified from a single ocelot female.  Two species of fleas 

were identified within our populations, Echidnophaga gallinacea and Pulex spp.  Echidnophaga 

gallinacea (n=8 adults) was only identified in bobcat females with a range  of 2-6 fleas per cat.  

Pulex spp. were identified in both species with males having a slightly greater flea load per cat 

(ocelots: male, 1-30; female, 2-23; bobcats: male, 1-44; female, 1-38).  
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Table 1.1: Biochemical reference intervals for free-ranging ocelots and bobcats in southern 

Texas.  

 Ocelots Bobcats 

Parameter n LRL of RI* URL of RI* n LRL of RI* URL of RI* 

Urea nitrogen (mg/dL) 24 13.4 (8.7-18.4) 46.8 (40.3-51.7) 36 18.1 (14.9-20.9) 46.2 (42.5-49.2) 

Creatinine (mg/dL) 24 0.50 (0.25-0.67) 1.8 (1.5-1.9) 32 0.83 (0.74-0.92) 1.6 (1.5-1.7) 

BUN:CREA 24 0.69 (0-8.69) 53.7 (43.6-63.4) 36 10.5 (6.8-14.8) 43.9 (40.2-47.5) 

ALT (U/L) 24 31.2  (17.3-46.1) 139.9 (122.8-154.1) 34 14.7 (0-35.7) 159.2 (132.9-181.4) 

Glucose (mg/dL) 21 102.4 (83.8-121.4) 228.3 (205.9-247.0) 36 41.2 (20.8-66.7) 253.7 (227.6-278.8) 

Total protein (g/dL) 24 6.9 (6.5-7.1) 9.2 (8.9-9.6) 36 6.6 (6.4-6.9) 8.7 (8.4-8.9) 

Albumin (g/dL) 24 2.5 (2.4-2.6) 3.3 (3.2-3.4) 36 2.5 (2.3-2.6) 3.4  (3.3-3.6) 

Globulin (g/dL) 24 4.0 (3.8-4.3) 6.3 (5.9-6.6) 36 3.7 (3.4-3.9) 5.8  (5.6-6.1) 

ALB:GLOB 24 0.39 (0.34-0.43) 0.74 (0.7-0.78) 36 0.38 (0.34-0.43) 0.86 (0.79-0.92) 

Abbreviations: RI, reference interval; LRL, lower reference limit; URL, upper reference limit; ALT, alanine 

transaminase. *90% confidence interval around the 95%  LRL and URL are shown in parentheses in these columns 

 

 

Table 1.2: Hematology reference intervals for free-ranging ocelots and bobcats in southern 

Texas.  

 Ocelots Bobcats 

Parameter n LRL of RI* URL of RI* n LRL of RI* URL of RI* 

HCT (%) 24 20.2 (11.2-29.7) 59.3 (50.0-68.1) 36 24.3 (21.6-27.3) 51.3 (47.6-54.7) 

RBC conc. (106/µL) 23 5.9  (5.4-6.5) 9.2 (8.5-9.7) 36 5.3 (4.8-5.8) 9.6 (9.0-10.1) 

Hemoglobin (g/dL) 20 10.3 (9.8-11.0) 13.9 (13.4-14.5) 36 7.9 (7.2-8.5) 14.3 (13.4-5.0) 

MCV (fL) 24 38.9 (35.0-42.6) 65.7 (61.5-69.8) 36 38.3 (35.7-41.1) 64.3 (60.9-67.6) 

MCHC (g/dL) 24 23.4 (21.7-25.7) 37.6 (35.7-39.4) 36 23.2 (21.9-24.8) 35.6 (34.2-36.9) 

MCH (pg) 24 14.1 (13.7-14.6) 17.7 (17.2-18.2) 36 13.5 (13.2-13.9) 16.6 (16.3-16.9) 

RDW 24 21.5 (20.8-22.2) 26.8 (25.8-27.6) 36 19.9 (19.0-20.8) 28.3 (27.1-29.4) 

Reticulocytes 24 0 (0-6.1) 158.7 (129.7-182.7) 36 0 (0-0) 181.8 (149.8-210.4) 

WBC conc.( 103/µL) 21 8.1 (6.8-10.2) 20.8 (18.3-23.3) 36 7.9 (5.6-10.6) 31.1 (28.6-33.5) 

Neutrophil (103/µL) 24 4.9 (3.2-6.9) 20.3 (17.6-22.5) 36 5.3 (3.1-7.9) 27.1 (24.7-29.1) 

Lymphocyte (103/µL) 24 0.11 (0-0.87) 2.9 (2.1-3.6) 36 0 (0-0.28) 4.48 (3.76-5.2) 

Monocyte (103/µL) 24 0 (0-0.05) 0.41 (0.34-0.47) 36 0 (0-0) 0.77 (0.61-0.91) 

Eosinophil (103/µL)  NA (0-0) NA (0.1-0.8) 36 0 (0-0) 0.57 (0.18-0.83) 

Basophil (103/µL) 24 0 (0-0) 0.95 (0.28-1.6) 36 0 (0-0) 0.69 (0.51-0.85) 

Platelet conc. (103/µL) 21 219.3 (157.9-279.4) 581.9 (527.3-629.5) 27 109.3 (56.4-163.9) 574.2 (508.6-629.0) 

MPV (mg/dL) 24 11.4 (10.6-12.2) 16.3 (15.7-16.9) 36 10.3 (9.5-11.2) 17.5 (16.6-18.3) 

PCT 24 0.15 (0.03-0.29) 0.94 (0.82-1.04) 36 0 (0-0.07) 0.79 (0.39-0.88) 

Abbreviations: RI, reference interval; LRL, lower reference limit; URL, upper reference limit; HCT, hematocrit; 

RBC, red blood cell; MCV, mean cell volume; MCHC, mean cell hemoglobin concentration; MCH, mean cell 

hemoglobin; RDW, red cell distribution width; WBC, white blood cell; conc., concentration; MPV, mean platelet 

volume; PCT, plateletcrit. *90% confidence interval around the 95%  LRL and URL are shown in parentheses in 

these columns 
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Table 1.3 Pathogen prevalence over time for ocelots and bobcats from 1985 to 2022. 

Percentage of positive individuals within each year out of sampled individuals.  

 1985 1986 2010 2011 2012 2019 2020 2021 2022 

Ocelots *n=3 n=0 n=1 n=2 n=3 n=2 n=6 n=6 n=10 

FIV 66.7 0 0 50 0 0 16.7 33.3 20 

Hepatozoon spp. 0 0 0 50 33.3 0 16.7 66.7 10 

T. gondii 33.3 0 0 50 66.7 50 50 50 20 

Leishmania spp. 0 0 0 0 0 0 0 33.3 0 

 1985 1986 2010 2011 2012 2019 2020 2021 2022 

Bobcats n=2 n=6 n=1 n=1 n=3 n=2 n=9 n=15 n=10 

FIV 0 0 0 0 66.7 0 0 40 20 

Hepatozoon spp. 0 16.7 100 100 66.7 0 44.4 60 70 

T. gondii 50 83.3 100 100 100 100 66.7 53.3 60 

Ehrlichia spp. 0 0 0 0 0 0 22.2 0 0 

T. cruzi 0 16.7 0 0 0 0 11.1 6.7 10 

*n=number of individuals tested during that year 

 

Table 1.4: Significant differences in blood analytes based on test results for each species.  

Bobcats 

Disease Analyte + Test Result -Test Result p-value 

FIV BUN (mg/dL) 37.50 ± 1.83 30.64 ± 1.22 0.009 

Ehrlichia spp. HCT (%) 27.45 ± 0.55 39.05  ± 1.05 0.003 

 MCV (fL) 42.65 ± 2.45 52.23 ± 1.04 0.038 

 MCHC (g/dL) 34.45 ± 0.95 29.18 ± 0.48 0.019 

 Reticulocyte (x103/μL) 15.2 ±2.7 88.61 ± 8.25 0.003 

 Eosinophil (x103/μL) 0.35 ± 0.03 0.11 ± 0.05 0.029 

 Basophil (x103/μL) 0.02 ± 0.02 0.38 ± 0.08 0.003 

Hepatozoon spp. MPV (mg/dL) 13.23 ± 0.38 14.91 ± 0.33 0.002 

T. gondii MCH (pg) 14.85 ± 0.15 15.42 ± 0.19 0.038 

 Lymphocyte (x103/μL) 2.85 ± 0.26 1.64 ± 0.14 0.001 

Ocelots 

FIV Lymphocyte (x103/μL) 1.26 ± 0.06 1.72 ± 0.16 0.036 

T. gondii WBC (x103/μL) 12.70 ± 0.78 16.41 ± 0.97 0.018 

 Neutrophil (x103/μL) 10.46 ± 0.74 14.31 ± 0.91 0.008 

Leishmania spp. Total Protein 8.85 ± 0.25 7.98 ± 0.11 0.043 

Mean± SEM; FIV, Feline Immunodeficiency Virus; spp., species; BUN, blood urea nitrogen; HCT, hematocrit; 

MCV, mean cell volume; MCHC, mean cell hemoglobin concentration; MPV, mean platelet volume; MCH, mean 

cell hemoglobin; WBC, white blood cell concentration 
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Figure 1.2: Intestinal parasite ova and arthropods detected in free-ranging ocelot and 

bobcat fecal samples from 2019-2022 in southern Texas, USA. Protozoa (a) Apicomplexan: 

Cystoisospora felis (41 μm x 36 μm) ; Helminths (b) Ascarid: Toxascaris leonina (57 μm x 46 

μm), (c) Trichostrongylid: Nematodirus spp. (140 μm x 72 μm), (d) Cestode: Hymenolepis spp. 

(56 μm x 48 μm), (e) Ancylostomid: Ancylostoma spp. (56 μm x 40 μm); and Arthropods (f) 

Mite: Demodex spp. (187 μm x 32 μm); (g) Unidentified Taeniid-type ova (27-35 μm x 27-

29μm); (h) Unidentified Capillarid ova (48-65 μm x 31-34 μm). Magnification (a-h): 400X. 

Scale bars: (a-h) 50 μm.  

 

 

 

 

 

 

 

 

 



22 

 

Table 1.5: Endo- and ectoparasite identification from free-ranging ocelots and bobcats 

from south Texas from 2019-2022. The number of positive individuals is shown for each 

parasite with prevalence (%) given in parentheses. Intestinal parasites, as detected during fecal 

centrifugation examination, are listed by group, subgroup, genus and species if known. 

Ectoparasites, detected and collected during physical examination, are listed by group, genus and 

species if known. 

Parasites detected Parasite ID Ocelots Bobcats 

  ♀ (n=12) ♂ (n=5) ♀ (n=9) ♂  (n=22) 

Helminth      

Ascarid Toxascaris leonina 12 (100) 5 (100) 2 (22) 10 (45) 

Trichostrongylid Nematodirus spp. 1 (8)    

 UNK 1 (8)    

Capillarid UNK 7 (58) 1 (20) 2 (22) 3 (14) 

Cestode Hymenolepis spp. 1 (8) 2 (40)   

 Taeniid-type    2 (9) 

 UNK   3 (33) 5 (23) 

Ancylostomid Ancylostoma spp. 1 (8)  9 (100) 17 (77) 

Protozoa      

Apicomplexan Cytoisospora felis 9 (75)  1 (11) 3 (14) 

 UNK 1 (8) 2 (40) 6 (67) 8 (36) 

Arthropod      

Mites Demodex spp. 2 (17)  2 (22) 8 (36) 

 UNK 1 (8)    

Ectoparasites Detected Lifestage (Sex Ratio) Ocelots  Bobcats 

  ♀ (n=8) ♂ (n=10) ♀ (n=12) ♂ (n=15) 

Tick      

Dermacentor variabilis 128 adults (75 ♂: 53 ♀) 4 (50) 5 (50) 12 (100) 14 (93.3) 

Amblyomma spp.      

maculatum 1 adult (♂)    1 (6.7) 

cajennense 3 adults (1 ♂: 2 ♀)   2 (16.7) 1 (6.7) 

americanum 1 adult (♂)   1 (8.3)  

UNK 
12 adults (4 ♂: 8 ♀)  

1 larval (UNK) 
1 (12.5) 2 (20) 2 (16.7) 4 (26.7) 

Rhipicephalus spp. 2 adults (♀) 1 (12.5)    

Flea      

Pulex spp. 389 adults (145 ♂: 244 ♀) 4 (50) 9 (90) 10 (83.3) 11 (73.3) 

Echidnophaga gallinacea 8 adults (1 ♂: 7 ♀)   2 (16.7)  

UNK= unknown genus and species; spp. = unknown species; ♀= female; ♂= male 
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Figure 1.2: Ectoparasites detected in free-ranging ocelots and bobcats. Ticks: (a) 

Dermacentor variabilis (♀; ♂); Amblyomma spp: (b) maculatum (♂); (c) cajennense (♂; ♀); (d) 

americanum (♂); (e) Rhipicephalus spp. (♀). Fleas: (f) Pulex spp.; (g) Echidnophaga gallinacea. 

Photographs obtained at 20x magnification under a dissecting scope by Tiffany Pope. ♀= 

female; ♂= male 
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Discussion 

     There are no prior published reports of serum chemistry and hematologic reference 

intervals for free-ranging ocelots in the US and few blood reference values for free-ranging 

bobcats in other regions of the US [72-76]. This is the first general health assessment and report 

of blood ranges for ocelots and bobcats residing in southern Texas.  Previous reports document 

reference interval differences based on sex, pregnancy status, and lactation for many domestic 

and non-domestic species, including felids [67-68; 77-78]; however, there was no sex difference 

in reference interval ranges for either species within our study, likely due to a small population 

size and the limited number of pregnant or lactating females.  Additionally, age-related 

differences have been documented between young and adult animals for several species [67, 79-

82], but age differences were unable to be examined during our study as tooth extraction for 

cementum annuli aging and the processing of individuals less than one year of age were not 

permitted. Some values were similar to human-managed individuals, free-ranging individuals, 

both or did not agree with either suggesting caution, not only in comparisons across species, but 

within species residing in different geographic regions.  These findings demonstrate the 

importance of species-specific reference intervals as the values we established for these 

populations were not similar to any single population. 

The main differences noted for our populations of ocelots and bobcats were elevations of 

blood urea nitrogen, total protein, basophils, glucose, and neutrophils compared to prior reports.  

Blood urea nitrogen is produced in the liver, excreted by the kidneys and can be elevated due to 

dehydration, kidney dysfunction or injury, high protein diets, and various infectious, toxic or 

inflammatory pathways [83-84].  Additionally, increases in total proteins, basophils, and 

neutrophils can indicate infection, inflammation, or stress responses, and increases in total 

protein can also be noted in dehydrated animals [83-86].  The combination of a naturally high 

protein diet, dehydration due to drought-like conditions seen in this study area, and the lack of 

access to water while in the trap suggest the changes seen in BUN and total protein to be 

transient and not indicative of a disease state.  Additionally, the increases in basophils and 

neutrophils could relate to parasitic, bacterial or viral infections.   

Another difference noted for our populations were the lower numbers of white blood 

cells, specifically lymphocytes and monocytes compared to other populations.  Lymphocytes are 

responsible for humoral and cellular immunity and decreases in these values can be due to a 



25 

 

response to glucocorticoid secretion during stressful events and inflammatory or infectious 

processes [83, 86].  Monocytes are responsible for antigen presentation and the production of 

cytokines with decreases either normally present in animals or associated with bone marrow 

disease [83, 86-89].  Decreases in the numbers of these cells are likely related to capture stress, 

declines in the production of these cells due to decreases in immune fitness, and/or a disease 

state decreasing white blood cell production at the level of the bone marrow.  

Differential counts were performed for each individual to assess the population of white 

blood cells and red blood cells for shape, size, and reactivity, and perform a manual platelet 

count for comparison to what is reported by the ProCyte® analyzer.  The ProCyte® analyzer 

counts cells based on the size of the cell and other cell characteristics, such as the presence or 

absence of a nucleus, to classify them into the correct population [Data on file at IDEXX 

Laboratories, Inc. 2013].  When multiple small platelets are clumped, they can be counted as 

one, falsely reporting low platelet numbers [83, 90-91].  Common causes of decreased platelets 

include clumping, decreased production, increased consumption or destruction, or various 

infectious pathways, especially tick-borne pathogens [83, 90-91].  When comparing what the 

ProCyte® analyzer reported for platelets to our differential count, the analyzer was counting 

significantly fewer platelets than the manual count due to platelet clumping, which is frequently 

seen in felids [83, 90-91].  This shows the importance of a manual platelet count to accurately 

represent an individual’s platelet number and decrease concern for clotting abilities or disease 

[83, 90-91].   

Males from both species had a higher likelihood of a positive test for all pathogens that 

were identified, with the exception of Leishmania spp. in ocelots where females had a higher 

prevalence.  For ocelots that tested positive for Leishmania spp., a mild decline in total protein 

was noted; however, this value did not fall below the reported ranges for our populations.  For 

tick-borne pathogens we attribute this difference to more fastidious grooming habits of females, 

smaller home ranges leading to fewer interaction with ectoparasites, cross-grooming with female 

kittens that may remain within the same home range for a longer time period and to the 

occasional demonstration of less solitary behavior by traveling in groups.  For these pathogens 

(Ehrlichia spp. and Hepatozoon spp.), there was a trend of decreased hematocrit and mean 

platelet volume in bobcats, respectively.  Most tick-borne illnesses in domestic cats present with 

similar clinical signs such as joint swelling, fever, anorexia, and dehydration [92-95] with 
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accompanying blood profile abnormalities, such as mild reductions in white blood cell counts, 

red blood cell counts, low platelet numbers and declines in liver values [92-96].  Our trend of 

blood profile abnormalities was similar to these previous reports; however, these values did not 

fall outside of blood profile reference ranges for either species.   

Currently, T. gondii has high antibody prevalence in bobcat and ocelots populations 

throughout other locations along their range [97-100], similar to our reports of high prevalence in 

southern Texas.  In members of the family Felidae, toxoplasmosis can cause a range of disease 

presentations from no clinical signs in healthy individuals [101] to more severe clinical signs and 

even death, in individuals with concurrent immunosuppression [15, 101-103].  Although we 

observed no clinical signs of T. gondii infection and while white blood cell concentrations 

(lymphocytes and neutrophils) differed based on presence, these values did not fall outside of 

reference intervals reported for these species.  Evidence of this parasite at high levels in our 

populations necessitates the importance of personal protective equipment when handling feline 

feces to prevent transmission to female wildlife personnel, and more specifically those expecting 

a child [33], in which the congenital defects and severity of disease can be devastating [104-

105].   

Similarly, males of both species had higher likelihoods of a positive test for FIV.  We 

suspect male behaviors play a key role in the transmission of FIV during territorial disputes or 

competition for the attention of a female whereby FIV is transmitted by bite wounds from 

infected saliva allowing the virus to enter the blood stream [18].  Females, while still positive a 

percentage of the time, are less likely to engage in territorial behaviors and may possibly contract 

this pathogen from males during mating with biting of the nape of the neck, from mother to 

kitten [18], and/or protection of offspring leading to physical disputes.  Additionally, the 

possibility of transmission among ocelots, bobcats, and feral cats within this region is of great 

concern as cross-species transmission has been documented [30-31, 106-108].  FIV screening 

was performed with the IDEXX Snap-test and confirmed with the western blot test.  The western 

blot test confirmed a higher proportion of negative results suggesting a higher specificity and a 

lower sensitivity of the snap test.  Additionally, the western blot test detected the presence of 

various lentiviruses in which further sequencing is needed to identify the origin of these viruses 

in our populations.  



27 

 

The detection and presence of a pathogen does not always necessitate clinical presence of 

disease.  FIV typically causes a decline, rebound, and again decline of CD4 and CD8 T-

lymphocytes, leading to a decline in cell mediated immunity with the individual becoming five 

times more likely to develop neoplasia compared to non-infected cats [18], and increases the 

susceptibility to pathogens that would not normally cause disease in healthy individuals.  

Historically, this disease is thought of as benign in wild populations [108]; however, the 

depletion of cell-mediated immunity increases the risk of contracting secondary infections 

causing clinical disease and possible death, that in normal individuals would not necessarily pose 

a threat [109].  Changes seen in chemistry analytes from positive individuals were an increased 

BUN for bobcats and a decrease in lymphocytes for ocelots.  While increases in BUN are likely 

to stem from dehydration, rather than FIV infection, decreases in lymphocytes could be related to 

decreased immune fitness related to infection with this pathogen. Additionally, our populations 

did not demonstrate any clinical disease associated with this pathogen [110-111].  However, 

these results could be skewed due to premature death due to disease and/or lack of capture of 

clinically ill individuals within this population.  

Many intestinal parasites were frequently noted in both species; however, suboptimal 

body condition was not noted in any individuals throughout this study.  The most common 

parasite reported for ocelots was an ascarid (roundworm), Toxascaris leonina; and for bobcats 

was an ancylostomid (hookworm) of unknown species.  Overall, ocelots had more protozoa but 

both species had similar findings for intestinal parasite ova.  A low frequency of arthropods was 

detected in the feces of ocelots and bobcats, with bobcats having a slightly higher presence.  

Demodex (species cati and gatoi) are known to live naturally on feline host species causing little 

clinical disease [112-113], but can cause disease with the presence of comorbidities [112].  

Feline demodicosis is more commonly found in younger cats, causing severe itching, hair loss, 

crusting and fluid-filled sores, and can be associated with the presence of other pathogens [112].  

Demodex mites are generally host-specific and are identified in many wild species to date [114], 

including multiple rodent species [115-119].  These populations have likely adapted to the 

elevated presence of intestinal parasites and may be incidental hosts for some parasites ingested 

from prey items, through contaminated soil or water, or natural grooming habits. 

Overall, bobcats had a higher presence of ectoparasites compared to ocelots, with a slight 

increase in load observed in males of both felid species.  Higher loads in bobcats could be due to 
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a lack of efficient removal due to longer hair coats, and for males, a lack of cross-grooming 

behaviors sometimes observed in females.  The most common tick species identified was 

Dermacentor variabilis (also known as the American dog tick or wood tick) known to be 

distributed across the eastern US and down to southern Texas [120].  This tick is known to 

transmit the causative agent (Rickettsia rickettsii) of Rocky Mountain spotted fever in humans 

[RMSF; 121], one of many ticks known to cause tick paralysis worldwide [122-126], and can be 

a vector for Cytauxzoon felis [127], Francisella tularensis [128], and Ehrlichia species [129-130] 

in domestic cats.  Another tick (Amblyomma americanum) also identified less abundantly in our 

bobcat population is additionally known to cause tick paralysis [123, 125-126], tularemia [128] 

and serve as a vector for Ehrlicha species [129] and Cytauxzoon felis [122, 131-133].  

While ticks were noted in abundance within our populations and positive tests for a few 

tick-borne pathogens of which these ticks are known vectors (Ehrlichia spp., this study and 

Cytauxzoon felis, Kern et al. unpublished data) are reported, clinical disease was not observed for 

either of these pathogens.  These findings further indicate an early disease process, the possible 

evolution of these populations to live concurrently with chronic pathogen exposure and presence 

over time, and/or the lack of representation of clinical animals due to death or lack of capture.  

The identification of pathogen presence within our reported tick species would need to be further 

examined.  

The most common flea species identified in our population was of the Pulex genus. Many 

fleas are known to infest domestic and wild canids and felids in North America, including 

Ctenocephalides felis (cat flea), Ctenocephalides canis (dog flea), Pulex simulans (flea of small 

mammals) and Echinophaga gallinacea (sticktight flea) [134].  Due to the high numbers of 

javelina in southern Texas, we suspect the Pulex species identified in this study to be Pulex 

porcinus, but further examination would be needed to confirm this suspicion.  While cat fleas 

can serve as vectors of Rickettsial species, Bartonella spp., and as an intermediate host for 

filarids and cestode parasites in felines [134], it is unclear if the javelina flea can serve these 

roles in felines as well.  Additionally, we observed a low presence of E. gallinacea in our 

population; however, sticktight fleas are not known to transmit pathogens to their hosts [135].  

Although some changes in hematologic and biochemical parameters were found when an 

individual was positive for a pathogen, and although changes were noted, none of those 

parameters fell outside of the ranges reported for this population challenging the clinical 
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significance of such changes.  Additionally, clinical signs (skin lesions, cardiac murmurs, pale 

mucous membranes, petechia, or other physical examination abnormalities) associated with 

disease were not observed in our study population suggesting either a sub-clinical stage of 

infection, a lack of clinical impact on these populations, and/or a lack of ill individuals 

represented in our study numbers due to death or lack of capture.  Over time there was an 

increase in prevalence for two pathogens, Lieshmania spp. and Ehrlichia spp., with both 

pathogens being undetected in ocelot and bobcat populations prior to 2019, respectively [Figure 

1.1].  Increases in these pathogens could suggest an increase in susceptibility or a lack of power 

in sample numbers for previous years decreasing the likelihood of detection.  There were 

minimal statistically significant or clinically relevant effects on blood values with the presence of 

coinfections in these populations.  The hematologic and biochemical reference intervals 

presented can be used in future efforts to monitor and evaluate health and disease long-term for 

these species in southern Texas. Additionally, as we did not see signs of immune demise as it 

relates to genetic decline, there may not be a detectable relationship currently, but with continued 

inbreeding events, a negative relationship may arise.   
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Appendix 1 

Table 1-A. Previously published hematologic and serum biochemical values of ocelots and 

domestic cats. 

 Free-Ranging Ocelotsa Captive Ocelotsb Domestic Catsd,e 

Parameter n Range Mean ±SD n Range Mean ±SD Range 

Urea nitrogen 
(mg/dL) 

8 24.6-37.3 31.7 ± 4.4 131 5.4-22.9 11.4 ± 3.2 6.8-12.1 

Creatinine (mg/dL) 8 0.6-1.1 0.9  ± 0.2 128 0.7-2.8 1.6 ± 0.44 0.8-1.9 

ALT (U/L) 8 33-117 65 ± 28.8 129 19-269 66 ± 41 25-97 

Glucose (mg/dL)        

Total protein (g/dL) 8 7.4-11.3 9.2 ± 1.3 120 5.6-10 7.4 ± 0.7 6.0-7.9 

Albumin (g/dL) 8 2.2-2.8 2.5 ± 2.16 108 2.2-4.6 3.3 ± 0.4 2.8-3.9 

Globulin (g/dL) 8 5.0-9.1 6.7 ± 1.3 107 2.4-6.7 4.1 ± 0.7 2.6-5.1 

HCT (%) 8 30-40 35  ± 3 136 30-50 38  ± 5 30-45 

RBC conc. (106/µL) 7 5.5-7.1 6.4  ± 0.5 107 5.1-10.8 7.4  ± 1.1 5.0-10.0 

Hemoglobin (g/dL) 7 9.5-13.1 11.4  ± 1.15 114 9.4-17.1 12.5  ± 1.7 9.8-15.4 

MCV (fL) 8 42.3-60 52.3  ± 6.6 106 42.9-62.8 51.2  ± 4.3 39-55 

MCHC (g/dL) 7 31.2-36.4 33.3  ± 1.9 113 23.8-39.6 33.2 ± 2.3 30-36 

MCH (pg) 8 13.4-22.4 18.4  ± 3.0 105 12.7-21.8 17.0  ± 1.7 13-17 

WBC conc.( 103/µL) 8 12.1-19.8 17.7 ± 2.6 134 4.62-23.3 10.2  ±3.5 5.5-19.5 

Neutrophil (103/µL) 8 7.4-15.9 12.0 ± 2.9 121 0.11-20.7 6.96 ± 2.86 2.5-12.5 

Lymphocyte (103/µL) 8 1.5-8.7 4.3 ± 2.4 126 0.46-7.61 2.48 ± 1.57 1.5-7.0 

Monocyte (103/µL) 8 0.5-1.6 0.9 ± 0.35 102 0.05-2.62 0.28 ± 0.3 0.0-0.9 

Eosinophil (103/µL) 7 0.0-0.9 0.1 ± 0.31 100 0.00-3.63 0.42 ± 0.48 0.0-0.8 

Basophil (103/µL) 8 0.0 0.0 7 0.00-0.37 0.16 ± 0.13 0.0-0.2 

Platelet conc. 

(103/µL) 
8 280-694 396.7 ± 147.1 38 88-581 293.0 ±105.0 300-800 

Abbreviations: SD, standard deviation; SE, standard error; ALT, alanine transaminase; HCT, hematocrit; RBC, red 

blood cell; MCV, mean cell volume; MCHC, mean cell hemoglobin concentration; MCH, mean cell hemoglobin; 

RDW, red cell distribution width; WBC, white blood cell; conc., concentration. a [71]; b [74]; d,e [72-73] 
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Table 1-B. Previously published hematologic and serum biochemical values of bobcats. 

 Free-Ranging Bobcatsa Free-Ranging Bobcatsb Captive Bobcatsc Free-Ranging Bobcatd 

Parameter n Mean ±SD n Mean ±SD n x SE n Mean±SD 

Urea nitrogen (mg/dL) 11 39 ± 10.1 11 31.4 ± 9.4 67 29.15 9.03 25 34.4 ± 7.9 

Creatinine (mg/dL) 11 2.0 ± 1.1 11 0.7 ± 0.5 66 2.85 2.65 20 0.90 ± 0.31 

ALT (U/L) 11 71 ± 35.1 11  45 26.7 10.13   

Glucose (mg/dL) 11 212.4 ± 82.6 11 101.8 ± 70.1 67 134.4 26.6 25 157.2 ± 54.4 

Total protein (g/dL) 11 7.3 ± 0.3 11 7.1 ± 0.2 63 5.94 0.68 25 6.68 ± 0.73 

Albumin (g/dL) 11 3.4 ± 0.3 11 3.6 ± 0.2 61 2.42 0.26 24 3.59 ± 0.58 

Globulin (g/dL) 9 3.9 ± 0.3 11 4.4 ± 0.7 61 3.47 0.46 24 3.19 ± 0.78 

HCT (%) 11 10.1 ± 3.7 11 36.6 ± 4.5 128 36.44 5.6 25 38.72 ± 4.37 

RBC conc. (106/µL)   11 6.1 ± 4.5 172 8.03 1.1 17 7.98 ± 1.46 

Hemoglobin (g/dL)   11 13.1 ± 1.6 135 11.75 1.5 25 13.3 ± 1.57 

MCV (fL)   11 59.5 ± 4.1 110 44.42 4.5 17 49.35 ± 10.49 

MCHC (g/dL)   11 21.5 ± 4.0 119 32.36 2.1 25 34.52 ± 2.43 

MCH (pg)   11 36.1 ± 3.2 119 14.28 0.73 15 17.4 ± 4.07 

WBC conc.( 103/µL) 11 13.9 ± 4.0 11 10.6 ± 6.5 172 11.88 4.5 15 15.81 ± 5.04 

Neutrophil (103/µL) 11 11.6 ± 4.3 11 8.27 ± 4.16 124 7.44 11.9 6 14.04 ± 1.02 

Lymphocyte (103/µL) 11 1.5 ± 0.8 11 2.16 ± 8.12 123 3.58 11.6   

Monocyte (103/µL) 11 0.4 ± 0.2 11 0.69 ± 1.06 105 0.27 1.6   

Eosinophil (103/µL) 11 0.4 ± 0.2 11 3.07 ± 6.96 144 0.67 4.0   

Basophil (103/µL) 11 0.0 ±0.0 11 0.26 ± 0.29 44 0.09 0.41   

Platelet conc. (103/µL) 11 402.8 ± 74        

Abbreviations: SD, standard deviation; SE, standard error; ALT, alanine transaminase; HCT, hematocrit; RBC, red 

blood cell; MCV, mean cell volume; MCHC, mean cell hemoglobin concentration; MCH, mean cell hemoglobin; 

RDW, red cell distribution width; WBC, white blood cell; conc., concentration. a [78]; b [75]; c [70]; d[76] 
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Chapter II: Urethral catheterization of free-ranging ocelots (Leopardus 

pardalis) and bobcats (Lynx rufus) in southern Texas for semen collection and 

characterization of normative seminal traits 
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Abstract 

Recent studies of wild felid populations have shown loss of genetic variability over time, 

including southern Texas, where signs of decreased genetic diversity and inbreeding depression 

have been documented.  Inbreeding depression may cause reduced semen quality of male felids, 

ultimately affecting reproductive success.  Assisted reproductive technologies, such as semen 

collection and analysis, can enable detailed assessments of reproductive traits for individuals and 

populations.  Traditionally, semen has been collected via electroejaculation (EEJ) for most feline 

species; however, a new method was recently developed using alpha-2 agonists to induce direct 

sperm release into the urethra, allowing collection by catheterization and decreasing the need for 

specialized equipment and training.  The goal of this study was to assess the effectiveness of 

urethral catheterization (UC) and characterize normative seminal traits of wild ocelot and bobcat 

populations in southern Texas.  Catheterization was conducted 20 to 40 minutes after anesthetic 

induction with a combination of intramuscular ketamine and medetomidine (alpha-2 agonist) and 

reproductive traits characterized.  If semen collection was unsuccessful or the sample not viable, 

EEJ was performed for ocelots only.  Semen collection was attempted with 31 adult felids (n=9 

ocelots; n=22 bobcats).  Sperm recovery was successful by UC in seven of nine ocelots (78%) 

and 14 of 22 bobcats (66%); and by EEJ for four of five ocelots (80%).  Ocelot sperm quality for 

UC and EEJ collected samples (23.3 (0.66-269.5), 53.55  (0-152.5) x106sperm per ejaculate; 

40.33 ± 10.98 (SEM), 58.1 ± 12.8 % normal morphology; 40.75 ± 13.31, 73.3 ± 5.0 % acrosome 

integrity; 50 ± 15.28, 83.8 ± 2.4 % motility) did not differ by season (p>0.05), but were 

decreased compared to a more genetically diverse population managed under human care.  

Bobcat seminal quality (0.33 (0.003-36.8) x106 sperm per ejaculate; 23.31 ± 3.94 % normal 

morphology; 40.54 ± 4.36 % acrosome integrity; 14.8 ± 5.1 % motility), was similar to other 

reports in the lynx genus and total sperm concentration (Winter (W): 1 (0-56) X 106 sperm/ml; 

Spring (S): 31.5 (0.125-125.5) X 106 sperm/ml; p=0.014)) and total sperm per ejaculate (W: 

0.067 (0-3.08) X 106; S: 0.374 (0.003-36.8) X 106; p=0.043) were higher during the spring 

months.  Catheterization was effective for the collection of semen samples and description of 

seminal traits for both species, however EEJ remained superior for the collection of greater 

quality sperm when employed and with the presence of urine contamination for ocelots.   
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Introduction 

Recent studies of wild felid populations have shown loss of genetic variability over time, 

including in southern Texas, where signs of decreased genetic diversity and inbreeding 

depression have been documented in ocelot (Leopardus pardalis) populations [1-3].  Genetic 

drift and inbreeding compromise fitness and interact with demographic irregularity to further 

reduce viability of populations [4-6].  The small population size in Texas coupled with its 

isolation has increased the effects of drift and inbreeding leading to low genetic diversity when 

compared to genetically diverse populations [2].  Although bobcats (Lynx rufus) in Texas have 

greater genetic diversity than ocelot populations in the same region, small populations of bobcats 

along the Lower Rio Grande Valley demonstrated declines in their genetic variation as well [7].  

Bobcats range extends from southern Canada to northern Mexico and throughout the US [8], and 

although listed as a species of least concern according to the IUCN Red List of Threatened 

Species [9], the primary threat to their declining population numbers is loss of habitat, similar to 

ocelots.  Like many wild felids before them, bobcats could one day face dramatic population 

declines and inbreeding depression, making conservation initiatives for their species important 

for future persistence in the wild. 

Inbreeding depression may cause reduced semen quality of male felids, ultimately 

decreasing reproductive success.  Reproductive examination and semen analysis allows 

description of reproductive traits to assess the possible impact of inbreeding depression on 

various aspects of semen quality and viability.  Seminal traits in felines are characterized by 

testicular volume, ejaculate concentration and volume, sperm motility and forward progression, 

penile and sperm morphology, acrosome status, and serum testosterone concentrations.  Reduced 

seminal qualities including structurally defective spermatozoa [10-13], reduced ejaculate sperm 

concentration [12], loss of total motile sperm [14] and higher acrosomal defects rendering sperm 

deficient in fertilization potential [14-16] have been observed in other wild felid populations with 

reduced genetic variation.  A decrease in semen quality could prevent successful conception, 

ultimately limiting further population growth.  Assisted reproductive technology (ART), 

specifically semen collection and analysis, can enable detailed assessments of reproductive traits 

for individuals and populations, but may require technique modification for practical field use 

[17].   
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Semen collection and assessment in felids is an important step in breeding programs and 

the development of alternate techniques has been described over the last few years [18-19;20].  

To date, the most common methods for sperm collection in the tomcat are electroejaculation 

(EEJ) [16, 21] or artificial vagina (AV) [22-23].  Although the training for AV use was 

successful in a cheetah [24], this method is not practical in free-ranging felids due to lack of 

trainability, absence of a queen [25], and most importantly, felid demeanor.  Electroejaculation 

has been performed successfully and repeatedly in domestic cats and virtually all non-domestic 

felid species [26-29] maintained under human care in zoos, ranging in body size from the tiger 

(Panthera tigris) down to the black-footed cat (Felis nigripes) [29] and in free-ranging males, 

including cheetahs (Acinonyx jubatus) [30].  Currently, EEJ is the method of choice in untamed 

or free ranging species [31-34]; however, it is less practical in the field than UC as it requires 

species specific rectal probes for effective application, additional costs, expertise, and permission 

from ethical-scientific committees [28,35].  The development of additional, cost-effective 

techniques requiring fewer materials and less expertise would benefit the objectives of ocelot 

conservation and provide baseline reproductive information for free-ranging bobcats for 

utilization in the future.  One technique that has been successful in other species is the use of 

specific pharmaceuticals for sperm release and subsequent semen collection. 

The use of pharmacologic agents for ejaculation and semen collection has been 

successful in other species such as the horse [36-38], domestic felids [25], domestic canids [39], 

and white rhinoceros [40].  One group of pharmaceuticals, alpha-2 adrenergic agonists (α2 

agonists), are reported to influence erection [40-41], the ejaculatory reflex [41] and act on the 

smooth muscle at the level of the vas deferens [42] by contraction, forcing semen into the pelvic 

urethra [28].  When conducting field-based studies on non-domestic felids, immobilization can 

be achieved using many combinations of pharmaceuticals, especially α2 agonists.  

Medetomidine, a potent α2 agonist, is used commonly in non-domestic felids for immobilization.  

While medetomidine is a highly selective α2 agonist [43], dexmedetomidine has even greater 

specificity for α2 receptors [44] and requires a lower dosage per body weight, but may be cost 

prohibitive.  Medetomidine provides a more cost-effective option and is shown in previous 

studies [25, 28] to yield good quality semen despite its lower selectivity when compared to 

dexmedetomidine.  
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An alternative method for semen collection involving urethral catheterization (UC) of 

male cats following treatment with medetomidine sedation was recently developed and reported 

to be successful in domestic felids [25].  This technique has allowed the recovery of high sperm 

numbers in domestic cats [25], jungle cats [45], Amur leopard cats [46], lions [47], and other 

non-domestic felids [48-49; unpublished data].  Semen collected by urethral catheterization was 

characterized by a lower volume, higher sperm concentration, and lower pH compared to 

collection by EEJ due to the lack of seminal fluids.  Spermatozoa characteristics of frozen-

thawed semen samples did not differ between the two methods of collection [25].  Urethral 

catheterization under medetomidine sedation, if proven effective across species, could provide a 

cost-effective and simplified technique that could be valuable for imperiled felid conservation 

globally. 

Our objectives were to assess the feasibility of UC under an immobilization protocol that 

utilizes medetomidine as a technique for semen collection in the field setting and evaluate seminal 

traits of free-ranging Texas ocelots and bobcats for the first time. Further, we aimed to assess the 

impact of decreased genetic diversity and inbreeding on reproductive fitness of the ocelot 

populations in southern Texas as compared to a genetically diverse ocelot population managed in 

North American Zoos.  Ocelots in North American Zoos are heavily managed as a part of the 

species survival plan in which pairings are made by genetic recommendations to maintain genetic 

diversity creating sustainable populations within human care.  As there is no known information 

regarding male bobcat seminal traits, we sought to characterize these traits and assess these 

reproductive procedures for future use should the population experience a decline like many other 

imperiled feline species.  

Materials and Methods 

Animals 

Adult male wild cats (n=31), representing 2 species from 2 genera (Leopardus: ocelot, 

n=9; Lynx: bobcat, n=22) were used in this study.  Free-ranging felids were captured using 

modified Tomahawk traps (Tomahawk Live Trap Co., Tomahawk , Wisconsin, USA) on private 

ranches in Willacy and Kenedy counties in southern Texas and the Laguna Atascosa National 

Wildlife Refuge (LANWR).  A hardware cloth extension measuring 51 cm X 38 cm X 51 cm 

was added to the trap to contain a live pigeon or small chicken that was provided water and feed 
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ad libitum.  Traps were checked each morning following sunrise to ensure processing and release 

of captured animals by early to mid-afternoon.  All animal use was approved by and in 

accordance with the policies of the Institutional Animal Care and Use Committee (IACUC) at 

Texas A&M University– Kingsville (TAMUK), Caesar Kleberg Wildlife Research Institute 

(CKWRI), and the University of Tennessee- Knoxville and the study was permitted by the 

United States Fish and Wildlife Service (USFWS). 

Semen collection and trait assessment 

Male ocelots and bobcats were immobilized and maintained at a light anesthetic plane for 

semen collection procedures.  The anesthetic protocol consisted of an injectable combination of 

ketamine hydrochloride (target dosage: ocelot, 4 to 8 mg/kg bodyweight; bobcat, 2.5 to 5 mg/kg 

bodyweight; Wedgewood Pharmacy: Wildlife Pharmaceuticals, Inc. and ZooPharm, Swedesboro 

NJ) and medetomidine hydrochloride (target dosage: ocelot, 0.05 mg/kg bodyweight; bobcat, 

0.06 mg/kg bodyweight; Wedgewood Pharmacy: Wildlife Pharmaceuticals, Inc. and ZooPharm, 

Swedesboro NJ) given intramuscular (i.m.) via pole syringe or hand injection followed by partial 

reversal with atipamezole (i.m.) (target dosage: 5 mg of atipamezole for every 1 mg of 

medetomidine given; Wedgewood Pharmacy: Wildlife Pharmaceuticals, Inc. and ZooPharm, 

Swedesboro NJ).  Fasting prior to the anesthetic event was not possible due to free-ranging 

nature.  Body temperature, heart rate, respiratory rate, pulse oximetry, jaw tone, and capillary 

refill time were monitored throughout the procedure.  

Both testicles were palpated by hand for firmness and recorded on a 1-3 scale: 1) hard 2) 

normal and 3) flaccid.  The length and width of each testicle was measured in millimeters using 

calipers [Figure 2.1], the volume of each testis calculated using the following elliptical equation: 

length (L) X width (W)2 X 0.524 (LTVOL; RTVOL) and each volume added together for the 

total testicular volume (TTVOL, cm3).  Relative testes weight (RTWT) was calculated as total 

testes volume (cm3) per kg of body weight.  Approximately 20 to 40 minutes post anesthetic 

injection, the penis was extruded with manual manipulation and sterile gloves, debris removed 

with a water-soaked gauze and the penis examined for the presence or absence of penile spines 

[Figure 2.1] and hygiene.  A 3.5 or 5 French (1.2 or 1.7 mm diameter, respectively) modified 

urinary catheter was advanced approximately 13-15 cm into the urethra [Figure 2.1], left in 

place for 30 seconds and slowly removed [25].  If collection of an ejaculate was unsuccessful or 
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not viable by UC, one to three series of electroejaculation (EEJ) (2-5 V; 10 stimulations per 

series) was performed using a standardized technique [50] with slight modifications [51-52] for 

ocelots. 

Semen samples were assessed using a standardized technique [29] with slight 

modifications.  The recovered catheter sample was transferred into an Eppendorf vial using a one 

mL syringe and a small amount of air.  Seminal volume (VOL) was measured using a micro 

pipettor and assessed initially for the presence or absence of spermatozoa.  Urine contamination 

was determined by pH (≤6.5), discoloration, and/or a low motility (<10%) and forward 

progression (1/5) of sperm. For spermic samples, motility (percent progressively motile, PPM; 0-

100%) and rate of forward progressive motility (FPM; scale of 0-5, with 0 being non-motile and 

5 being rapid forward progression) were evaluated microscopically using raw aliquots from each 

sample [53-54].  A subset of raw semen (1 - 3µL) was fixed in 49 µl of 0.3% glutaraldehyde and 

assessed with phase microscopy at 400X magnification (100-200 sperm/sample) to determine 

percentage of spermatozoa with normal morphology (MORPH) [Figure 2.2].  Sperm 

morphology was documented on a Zeiss Axioskop Fluorescent microscope equipped with an 

AxioCam 202 monocolor camera using positive phase contrast 40X objective or 100X objective 

with oil.  A subset of raw semen was placed into water at a 1:400 dilution to determine sperm 

concentration (CONC) using a hemocytometer method.  Total sperm per ejaculate (TSE) was 

calculated by multiplying the VOL and CONC.  An aliquot (4 µl) of raw semen was spread onto 

a microscope slide, dried at room temperature, stained with fluorescein isothiocyanate-peanut 

agglutinin (Sigma-Aldrich Corporation, St. Louis, MO), and assessed with fluorescent 

microscopy (100-200 sperm/sample) to determine percentage of intact acrosomes (ACRO) [55].  

Acrosome status was classified as intact, partially intact or not intact [Figure 2.3]; and was 

assessed using fluorescence (excitation 465-495/emission >515) on a Zeiss Axioskop 

Fluorescent microscope equipped with AxioCam ERc5s.  All images were obtained and 

processed using Zen 3.1 (blue edition; Carl Zeiss Microscopy GmbH, Germany).  

Fecal and Serum Testosterone Analysis 

Fecal and Serum Sample Collection and Processing [56] 

Fecal and serum samples were collected from wild individuals that were anesthetized for 

semen collection and physical exam.  Samples were collected and placed into cryovials with 
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animal ID and date and stored at -20 °C until processing.  Fecal samples were lyophilized via a 

freeze dryer (Virtis, Gardener, NY, USA) in their cryovials, pulverized into a fine powder, and 

then weighed (250± 5mg) into labeled 15 ml polypropylene conical tubes.  Each of the samples 

was then extracted by adding 2.5 ml of 90% ethanol (1:10 w:v) overnight on a mechanical rocker 

(≥12 h).  Extracted samples were then centrifuged (1000g, 15 min), supernatants were pipetted 

off and samples stored in 2.0 ml cryovials at -20 °C until analysis. Serum samples were thawed, 

diluted in diethyl ether at 1:5, vortexed for 30 seconds, and placed in a -80 °C freezer for 10 min.  

The ether was then poured off into separate tubes, those tubes placed under a vacuum in a fume 

hood until dry (~ 1h), and then allowed to sit overnight.  The samples were then reconstituted at 

a 1:1 dilution with EIA buffer (45.2 mM NaH2PO4, 61.0 mM Na2HPO4, 148 mM NaCl, 0.1% 

BSA, 0.0001% Proclin 150, 863.5 mM Tween 20) and stored in 2.0 ml cryovials at -20 °C until 

analysis.  

Enzyme Immunoassays  

The Arbor Assays testosterone mini-kit (ISWE001, Arbor Assays, Ann Arbor, MI) was 

used to determine androgen levels (this kit included both antibody and horseradish 

peroxidase(HRP)).  Cross reactivities for antitestosterone were testosterone 100%, 

dihydrotestosterone 35.4%, progesterone 0.024%, corticosterone <0.004, cortisol <0.004, 

cortisone <0.004, and 17β-estradiol <0.004 (Arbor Assays Testosterone Mini-Kit insert 

#ISWE001).  

Fecal Testosterone Analysis 

For ocelot fecal analysis, small aliquots of sample were run in the assay from 1:80 – 

1:250 dilution as determined by the parallelism for fecal testosterone in ocelots (1:16 – 1:512, R2 

= 0.999).  There was a significant recovery (average of 74.4%) of exogenous testosterone added 

to ocelot fecal extracts (y = 0.99+0.149, R2 = 0.998).  An inter-assay coefficient of variation 

(CV) of equal to or less than 10% was observed, with an intra-assay CV of 12.3%.  For bobcat 

fecal analysis, small aliquots of sample were run in the assay from 1:25 - 1:50 as determined by 

the parallelism for fecal testosterone in bobcats (1:4 – 1:512, R2 = 0.999).  There was significant 

recovery (average of 76.84%) of exogenous testosterone added to bobcat fecal extracts (y = 

1.16x+0.22, R2 = 0.999).  An inter-assay CV of equal to or less than 10% and an intra-assay CV 

of 12.3% was observed. 
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Serum Testosterone Analysis  

Small aliquots of serum (50 µl) were run neat in the testosterone assay as determined by 

the parallelism for serum testosterone in ocelots (neat – 1:4, R2 = 0.999).  There was significant 

recovery (average of 78.75%) of exogenous testosterone added to ocelot serum extracts (y = 

1.0x+0.139, R2 = 0.998), and (average of 76.25%) for bobcats (y = 1.0x+0.13, R2 = 0.999).  The 

testosterone assay was incubated for 2 hours, plates were then run through a plate washer 

(AquaMax 2000, Molecular Devices, San Jose, CA, USA) with wash buffer (85.9 mM 

Na2HPO4*7H2O, 13.9 mM NaH2PO4*H2O, 150.06 mM NaCl, 12.73 mM EDTA, 0.09% 

Proclin 150, 1.06% Tween 20), and 3,3’,5,5’-tetramethylbenzidine (TMB, Sigma-Aldrich, St. 

Louis, MO, USA) was added to each well.  After ~10 minutes of development, a solution of 3% 

hydrochloric acid (HCl) was added to each well to stop the reaction and the plate was then 

evaluated for optical density on a plate reader (VersaMax Absorbance microplate reader, 

Molecular Devices, San Jose, CA, USA) at 450 nm.  Samples and standards were analyzed in 

duplicate.  An inter-assay CV of equal to or less than 12.5% and an intra-assay CV of 12.3% was 

observed. 

Statistical Analyses 

Normality was assessed using the Shapiro-Wilk test at a 95% confidence interval.  If a 

normal distribution was reported, the mean values ± SEM was reported in the results.  If there 

was a non-normal distribution, the median (minimum-maximum) values were reported in the 

results.  Mean anesthetic dosages, total testicular volumes, total testicular volumes to weight 

ratio, and mean ejaculate characteristics were calculated for both species.  Non-parametric 

comparisons between species (for total testicular volumes, STEST, FTEST) was assessed using 

the Mann-Whitney U test for statistical significance.  Parametric comparisons between species 

were assessed using independent samples t-tests (total testicular volume-to-weight ratios, percent 

normal morphology).  Non-parametric correlations between medetomidine dosages and ejaculate 

output were assessed with the Spearman’s rho correlation coefficient.  Parametric correlations 

were assessed using Pearson correlation coefficient.  Independent sample t-tests were used to 

compare if urine contamination affected the percentage of normal morphology.  The effect of 

treatment (collection method) on various seminal traits was assessed using mixed model analysis 

(ANOVA) with a diagonal covariance structure and cat as a random factor.  Seasonal effects 
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were assessed by using the Kruskal-Wallis test across months and Mann-Whitney test across 

season.  All analyses were performed in SPSS 28 with an α= 0.05. 

Results 

Animals 

Mean ± SEM anesthetic doses were as follows for each species: ocelot, 9.19 ± 1.01 

(range 4.93-15.83) mg/kg ketamine, 0.062 ± 0.006 (range 0.031-0.1) mg/kg medetomidine, and 

0.30 ± 0.042 (range 0.00-0.505) mg/kg atipamezole; bobcat, 4.72 ± 0.52 (range 2.63-11.98) 

mg/kg ketamine, 0.07 ± 0.002 (range 0.052-0.095) mg/kg medetomidine, and 0.036 ± 0.027 

(range 0.00-0.722) mg/kg atipamezole.  Urethral catheterization resulted in recovery of sperm 

samples from seven ocelots in nine attempts (78%) and 14 bobcats in 22 attempts (64%).  Urine 

contamination occurred in 6 ocelot samples (86%) and 6 bobcat samples (43%).  Of urine 

contaminated samples, two ocelot samples (33%) and zero bobcat samples (0%) remained viable 

(i.e., retained ≥ 30% motility).  Electroejaculation resulted in recovery of sperm samples with 

four ocelots in five attempts (80%) with urine contamination of two samples (50%). Of urine 

contaminated samples using EEJ in ocelots, two ocelot samples (100%) remained viable (i.e., 

retained ≥ 30% motility).    

Seminal traits 

The total testicular volume (TTVOL) varied significantly between species (ocelots, 20.9 

cm3 (range 1.85-22.66) ; bobcats, 2.37 cm3 (range 0.47-5.25); p<0.001).  The total testicular 

volume to weight ratio varied significantly between species (ocelots, 1.51 ±  0.21 cm3/kg; 

bobcats, 0.29 ±  0.03 cm3/kg; p<0.001).  For samples collected by EEJ in ocelots, there was no 

correlation between total testicular volume and the volume of ejaculate (rho= 0.389, p=0.52), 

sperm concentration (rho= 0.546, p=0.34), and total sperm in the ejaculate (rho= 0.664, p=0.22).  

For samples collected by UC, there was no correlation between total testicular volume and the 

volume of ejaculate (bobcat, rho= 0.165, p=0.51; ocelot, rho= 0.583, p=0.10), sperm 

concentration (bobcat, rho= 0.210, p=0.40; ocelot, rho= 0.214, p=0.61), and total sperm per 

ejaculate (bobcat, rho= 0.316, p=0.20; ocelot, rho= 0.238, p=0.57).  

Penile spines were present for seven of nine (78%) ocelots and zero of 22 (0%) bobcats. 

The two male ocelots that did not have penile spines were estimated to be under the age of 2 and 
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therefore reproductively immature.  Seminal results from all males are included in Table 2.1.  

Urine contamination of the sperm sample collected by UC did not significantly affect the 

percentage of normal morphology (RAW 27.8 ± 4.6, Urine Cont. 29.4 ± 5.0; p= 0.83), therefore 

urine contaminated samples were included in morphologic analysis.  For ocelots, there was no 

significant difference in percent normal morphology (MORPH) (p=0.09), secondary 

morphologic abnormalities (p=0.49), and total morphologic abnormalities (p=0.09) between 

sperm samples collected by either method, however, there was a significant difference in 

percentage of primary morphologic abnormalities between the two collection methods (UC= 

47.75 ± 6.7; EEJ= 9 ± 2.7; p<0.001).  For both species, the placement of sperm into FOCM-

Hepes medium did not significantly improve the percentage of normal morphology of the sperm 

(RAW = 27.8 ± 4.6, FOCM = 30.4 ± 4.1; p=0.68), primary abnormalities (p=0.96), secondary 

abnormalities (p=0.75), and total abnormalities (p=0.54) and there was not a significant 

difference between species for the percentage of normal morphology (p=0.12).  The most 

common sperm morphologic abnormality for ocelots, 57% (4/7) of males had a tightly coiled tail 

when collection method was UC and a 75% of males (3/4) had  bent tails when collection 

method was EEJ.  When urine contamination was present, the most common abnormality for 

ocelots was a bent tail regardless of collection method.  For bobcats, the most common sperm 

morphological abnormality was a tightly coiled tail (93% of males) regardless of urine 

contamination. 

There was no effect of urine contamination on percent motility (p=0.10), however there 

was a significant effect of urine on forward progressive motility (p=0.01;  without urine 3 (0-4); 

with urine 0 (0-3.5). There was no effect of urine contamination on percent motility (p=0.26) and 

forward progressive motility (p=0.12) for ocelots; however, there was a significant effect of 

urine contamination on percent motility (p=0.014; without urine 5.5 (0-40); with urine 0 (0-10)) 

and forward progressive motility (p=0.013; without urine 3 (0-4);  with urine 0 (0-3)) for 

bobcats.  There was a significant difference between collection method (UC vs EEJ ) for percent 

normal morphology in ocelots (p=0.032; Table 2.1). 

There was not a dose effect of medetomidine on the total volume of ejaculate (ocelot: 

rho= -0.067, p= 0.87; bobcat: rho= -0.064, p=0.80), total concentration of sperm (ocelot: rho= 

0.048, p= 0.91; bobcat: rho= -0.142, p=0.57), or total sperm per ejaculate (ocelot: rho= 0.190, p= 

0.65; bobcat: rho= -0.243, p=0.33) for either species.  When assessing for seasonality, 
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differences were examined at the month level (Dec through Apr) and at the seasonal level 

(Winter (December-February) and Spring (March-April)).  For ocelots, there was no effect of 

month or season on the total volume of ejaculate collected (M: p=0.13; S: p= 0.19 ), total 

concentration of sperm (M: p=0.42; S: p= 0.39), or total sperm per ejaculate (M: p=0.44; S: p= 

0.39). For bobcats, there was an effect of month (M) and season (S) on total volume of ejaculate 

collected by UC method (M: p=0.019; S: p=0.001) and an effect of season on total concentration 

of sperm (p= 0.014) and total sperm per ejaculate (p=0.043), however there was no effect of 

month on the total concentration of sperm (p=0.08) or total sperm per ejaculate (p=0.19).  Total 

volume was higher in the winter (W) than spring (S) (W: 170 (38-320) μl; S: 29.3 (10-60) μl), 

however total sperm concentration (W: 1 (0-56) X 106 sperm/ml; S: 31.5 (0.125-125.5) X 106 

sperm/ml) and total sperm per ejaculate (W: 0.067 (0-3.08) X 106; S: 0.374 (0.003-36.8) X 106) 

were higher in the spring.   

Mean ± SEM serum and fecal testosterone concentrations for each species were as 

follows: ocelot, serum (0.314 (0.05-0.67) ng/ml) and fecal (239.32 (64.55-1406.25) ng/g); 

bobcat, serum (0.181 (0.063-0.660) ng/ml) and fecal (147.74 (39.8-459.56) ng/g).  There was no 

difference between species for serum testosterone (p=0.45) or for fecal testosterone (p=0.26).  

There was not an effect of season (winter vs spring) on fecal or serum testosterone for bobcats 

(fecal, p=0.25; serum, p=0.43) or ocelots (fecal, p=0.25; serum, p=0.43). There was a significant 

and strong positive correlation between serum testosterone and total sperm per ejaculate 

(rho=0.900, p=0.037) and total motile sperm (rho=0.900, p=0.037) but no correlation between 

serum testosterone and sperm concentration (rho=0.700, p=0.188) when collection method was 

EEJ. There was no correlation between serum testosterone and sperm concentration (rho=-0.200, 

p=0.704), total sperm per ejaculate  (rho=-0.107, p=0.819), and total motile sperm ( rho=-0.036; 

p=0.939) for ocelots when semen was collected by UC. The correlation of fecal testosterone to 

sperm concentration, total sperm per ejaculate, and total motile sperm was unable to be assessed 

due to low sample size. There was no correlation between serum testosterone or fecal 

testosterone and sperm concentration (rho= 0.140, p=0.664; rho=-0.511, p=0.074), total sperm 

per ejaculate (rho= 0.196, p=0.542; rho=-0.236, p=0.437), and total motile sperm (rho= -0.342, 

p=0.452; rho=-0.485; p=0.185) for bobcats when semen was collected UC, respectively.  
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Discussion 

This study represents the first detailed assessment of reproductive traits in wild ocelot and 

bobcats living within their natural habitats.  All previous research focused on evaluating wild-

borne or captive-born ocelots and bobcats that were maintained under human care in zoos, with 

indeterminate impacts of multiple husbandry factors on measured reproductive characteristics.  

Of note, a total of nine male ocelots were evaluated in the current study, representing ~20% of 

the ocelot population thought to still survive in this region of the US [57-59]. To assess seminal 

characteristics, we used a newer method of semen collection (urethral catheterization) for both 

free-ranging ocelots and bobcats.  Comparison of semen collection by urethral catheterization 

(UC) and electroejaculation (EEJ) revealed differences in ejaculate quality for ocelots.  Overall, 

bobcats exhibited a low quality ejaculate following UC  and differences were observed based on 

seasonal timing of collection.  While ocelots produced a higher quality ejaculate as compared to 

bobcats, the overall seminal quality of this population was low compared to reports in human-

managed ocelot populations [28; 60-61].   

With the use of UC in ocelots, we were able to recover a high sperm concentration with a 

low volume of ejaculate and low pH, similar to previous studies in other feline species [25, 31, 

53-55, 62].  Our primary challenge was urine contamination of UC samples, similar to previous 

reports [60-61].  Due to the lack of seminal fluids and the high osmolarity of the catheter 

samples, we suspect the acidity and variable osmolality of the urine impacts sperm viability even 

when diluted immediately with an isotonic medium and centrifuged to remove urine in the 

supernatant.  The addition of EEJ to the sampling protocol for ocelots allowed for recovery of 

higher sperm numbers with improved percent motility and progression, similar to other reports 

[60].  Samples collected by EEJ, while also frequently contaminated with urine, included a larger 

volume of seminal fluids and thus had a higher alkalinity and a lower osmolarity, which may 

have provided a better buffer against urine contamination.  For bobcats, urine contamination 

occurred less often (about half the time) than in ocelots using the UC method, however, EEJ was 

not included in the sampling protocol for bobcats so a comparison of methods could not be 

performed.  Additionally, slightly reducing the distance of catheter insertion into the urethra (13-

14 cm) from reported distances (ocelots, 15 cm; Canada lynx, 15 cm) [60, 63] did not result in 

less urine contamination in both species.  
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Urethral catheterization utilizes alpha-2-agonist medications such as medetomidine and 

dexmedetomidine [25], in which reported dosages of medetomidine used in previous studies 

yielding adequate sperm numbers in felids were 0.13-0.14 mg/kg [31] in domestic felines, which 

is 1.5 to 2 times higher than the dosages used in this study; and 0.05-0.11 mg/kg [53-55] in other 

feline species, similar to our dosages.  Studies that have utilized dexmedetomidine for semen 

collection by UC method report dosages of 0.025 mg/kg in domestic cats [28, 34, 64-65], which 

is approximately four to five times less than the reported dosages of medetomidine that yielded 

adequate sperm numbers with no difference between the two drugs.  Medetomidine is a racemic 

mixture of 2 enantiomers, d-MED and l-MED, in which d-MED (dexmedetomidine) is the active 

enantiomer [66].  Alternatively, dexmedetomidine is the pure d-MED enantiomer and has a 

higher binding affinity to α2 receptors when compared to medetomidine [43, 67].  In other feline 

species, urine contamination was more likely to occur in samples collected by EEJ under the 

influence of medetomidine as compared to dexmedetomidine [68]; however, the addition of 

supplemental anesthetic medications (isoflurane and propofol) [68] and the electrical stimulus 

applied during EEJ could stimulate contraction of the bladder and subsequent urine 

contamination [47].  Although a dose affect was not shown using medetomidine in this study, it 

is possible that the increased affinity for α2 receptors exhibited by dexmedetomidine could have 

an additional affect at the level of the urethral sphincter decreasing the likelihood of urine 

contamination, but this would need to be further explored.  Additionally, increasing dosages of 

medetomidine to 0.13-0.14 mg/kg (i.m.) could increase sperm yield [66], however, additional 

caution should be taken with high dosages of α2 agonist medications and their subsequent 

hemodynamic effects [70].  

In regard to physical reproductive traits, there was a large difference in testicular volume 

between species with ocelots having ~ 8 times the testicular volume when compared to bobcats.  

Although these two medium-sized felids are similar in body weight, the testicular size varied 

between species which is likely a species-specific difference.  In canids [71-75], increased 

testicular size resulted in larger numbers of spermatozoa, but that was not the case when 

comparing three small felid species [76] or in our study within each species; however, in 

comparing the two species, ocelots exhibited higher numbers of sperm and a larger testicular 

volume than bobcats.  There was no difference in serum testosterone concentrations between 

species, however ocelots displayed large, obvious penile spines, whereas bobcats did not.  Penile 
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spines in felines are thought to function as stimulation for induced ovulation [35, 77] and as 

holdfast organs, comparable to the locking device in dogs [78-79].  As ocelots are induced 

ovulators with non-seasonal reproduction [76, 80-82], the presence of penile spines in this 

species likely functions for these previously stated purposes.  

Bobcats are reported to be seasonal breeders, similar to their closely related relatives of the 

Lynx genus [84-85], but it is unknown whether they are spontaneous or induced ovulators. The 

absence of penile spines in bobcats appears to be species-specific [76] rather than androgen 

dependent [86].  In other studies [87] ovulation was induced in domestic feline females using a 

smooth glass rod suggesting that penile spines are not essential for ovulation induction although 

they may increase efficacy.  Bobcats exhibited a higher volume of ejaculate in the winter months 

and a higher sperm concentration and total sperm per ejaculate in the spring months.  Similar to 

other lynx species [84], bobcats appear to produce superior sperm numbers in the spring, 

however this could not be compared across all seasons due to the short window for trapping 

(November through April) each year and would need to be further examined in the summer and 

fall months.  On the contrary, bobcats did not exhibit seasonality in their serum and fecal 

testosterone levels, similar to findings in human managed bobcat populations [85] and the 

Iberian lynx [89], in which their testosterone levels varied with age, but not season.  The 

opposite was observed for Canada lynx [84] and Eurasian lynx [85] which showed seasonality in 

testosterone concentrations.  The differences between lynx species suggest variation occurs at the 

species level, requiring caution with generalizations at the genus level for this group of felids.   

Ocelots are non-seasonal breeders [76, 80-82] with reports of markedly increased fecal 

androgens compared to other feline species [76] and prominent penile spines.  Seasonally, ocelot 

seminal parameters did not differ from winter to spring in this study, comparable to previous 

reports.  Additionally, bobcats could exhibit higher values in other months of the year and this 

would need to be further examined. 
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Figure 2.1: Testicular parameters, penile morphology, and urethral catheterization. (a) 

keratinized spines on the glans penis of an ocelot (Leopardus pardalis); (b) lack of keratinized 

spines on the glans penis of a bobcat (Lynx rufus); width and length of a testis as measured by 

calipers on an ocelot (c, d) and bobcat (e, f); (g, h) urethral catheterization of a bobcat. 

 

 

 

Figure 2.2: Normal and abnormal sperm morphology documented in ocelots and bobcats. 

(a) normal sperm morphology; primary abnormalities: (b) tightly coiled tail; and secondary 

abnormalities: (c) proximal droplet, (d) bent midpiece without a droplet, (e) bent tail.  
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Our comparison of UC and EEJ in ocelots detected a significant difference in primary sperm 

abnormalities.  Sperm abnormalities in fresh, undiluted semen can result from defects in 

spermatogenesis (primary abnormalities) [89-90] or sperm transport through the excurrent duct 

system of the testis, after spermatogenesis (secondary abnormalities) [71, 89-90].  With EEJ and 

UC, the most common abnormalities were bent tails (secondary sperm abnormality) and a tightly 

coiled tail (primary sperm abnormality), respectively.  However, when urine was present in the 

UC sample, the most common abnormality did not differ from EEJ collected samples, suggesting 

an osmotic effect with urine altering sperm morphology although the osmolality of urine relative 

to UC semen samples remains unknown.  Accordingly, it may be the absence of seminal fluids 

and differing osmolarity in UC samples that increase the percentage of coiled tails using this 

collection method.   

Human-managed ocelots collected by EEJ are reported to produce 114.7 ± 15.8 x106 motile 

sperm per ejaculate, 82.4 ± 1.2 % morphologically normal sperm and 1.71 vs 0.14 μg/g fecal 

androgens [76], with similar reports in other studies [26].  When UC and EEJ was compared for 

human-managed ocelot populations, UC produced 36.2 ± 28.2 x106 sperm per ejaculate, 72.1 ± 

11.5 % motility and EEJ produced 55.6 ± 22.7 x106 total sperm per ejaculate and 87.1 ± 4.9 % 

motility [60].  When sperm was collected by UC in wild ocelots, our percent motility and 

presence of urine contamination was similar to these previous reports [26, 60].  Although there 

was no significant difference between UC and EEJ statistically, there tended to be increased 

sperm numbers, motility, and normal morphology in EEJ collected samples.  The relatively 

lower values for seminal quality by EEJ collection in our ocelot populations were similar to 

reports in Latin American Zoos [28], in which sample quality was likely impacted by sub-

optimal diets and husbandry [28].  In contrast, the ocelots in this study were free-ranging, 

suggesting that compromised semen quality was less a result of poor diet and husbandry, but 

possible related to a decline in genetic diversity.  Abnormal physical traits typically associated 

with decreased heterozygosity and inbreeding in felids were not observed in this population; 

however, our finding of relatively lower sperm concentration, total motile sperm, and acrosomal 

integrity could render sperm deficient in fertilization potential [12,14-16]. 

While bobcats in this study exhibited similar testicular volume, percent normal morphology, 

and sperm concentrations to other species of the Lynx genus, acrosome integrity and percent 

sperm motility were much lower [91].  In bobcats, our samples were recovered using UC 
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whereas in Canada lynx, UC was ineffective and electroejaculation proved to be superior for 

semen collection.  Similarly, in wild bobcats, very low overall sperm numbers were recovered 

with the UC collection technique; however when EEJ was employed with human-managed 

populations [88], increased values for seminal volume, sperm concentration, total sperm per 

ejaculate, and percent motility were reported.  Unilateral cryptorchidism was observed in two 

bobcats and a persistent penile frenulum in a single bobcat [Figure 2.4], which have been 

reported to be associated with inbreeding [14, 92-97].  Decreased bobcat genetic diversity has 

been documented in the Lower Rio Grande Valley [7] and, we suspect that reduced genetic 

diversity coupled with the low reproductive potential typical of this genus might explain the sub-

optimal sperm quality seen within this population.  

Although semen recovery was successful using the UC method for both species, samples 

collected by EEJ for ocelots had superior seminal qualities.  While differences between UC vs 

EEJ were not statistically significant, the sample collection method could affect the capacity for 

cryopreservation and the use of these samples for other assisted reproductive technologies such 

as artificial insemination.  A small decline in percent motility, forward progressive motion, 

acrosome status and/or morphology could negatively impact sperm transport and function within 

the reproductive tract and ultimately, reduce fertilization of the oocytes [35, 53-54, 98-104].  

Additionally, these two cat populations are exhibiting teratospermia (>60% morphologically 

abnormal sperm) similar to many other non-domestic Felidae species [10-11, 13, 15] that are 

affected by reduced genetic variation and decreased circulating testosterone concentrations.  Our 

findings provide the first detailed assessment of reproductive qualities in the last remaining 

ocelot populations in the US and raises some concern that their declining genetic diversity may 

be affecting their reproductive success and overall population numbers.  Further, our results 

imply that the introduction of new genetics into this population may be of value to reverse 

declining heterozygosity and help stabilize this population into the future.  For bobcats, our 

initial findings suggest that the use of EEJ, as an alternative to UC, may be warranted for a more 

thorough assessment of reproductive traits in free-ranging populations and in relation to their 

genetic diversity in this region of Texas.  
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Table 2.1. Mean (±SEM) and median (minimum-maximum) values for seminal traits in two 

wild felid species.  

 Ocelot UC 

(n=6) 

Ocelot EEJ 

(n=4 ) 

Bobcat UC 

(n=14) 

VOL* 321 (.87-968) 468 (200-922) 65.42 (± 22.39) 

CONC* 124 (1-535.5) 29.5 (0-97) 16 (0.13-125.5) 

TSE* 23.3 (0.66-269.5) 53.55 (0-152.5) 0.33 (0.003-36.8) 

TMS* 3.8 (0-80.85) 42.85 (0-137.3) 0.03 (0.003-14.7) 

ACRO 40.75 (± 13.31) 73.3 (± 5.0) 40.54 (± 4.36) 

MORPH 40.33 (± 10.98) 58.1 (± 12.8) 23.31 (± 3.94) 

PPM 50 (± 15.28) 83.8 (± 2.4) 14.8 (± 5.1) 

FPM 3.33 (± 0.44) 3.9 (± 0.4) 2.4 (± 0.46) 

UC, urethral catheterization collection technique; EEJ, electroejaculation collection technique; VOL, semen volume 

(µl); CONC, sperm concentration (x 106 / ml); TSE, total sperm per ejaculate (x 106); TMS, total motile sperm (x 

106); ACRO, intact acrosome status (%); MORPH, normal sperm morphology (%); PPM, percent progressively 

motile (%); FPM, rate of forward progression motility (0-5); SEM, Standard Error of the Mean. *values reported are 

median values (min-max) due to a non-normal distribution. 
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Figure 2.3: Acrosomal staining and classification. (a) Non-intact acrosome. (b) Partially intact 

acrosome. (c) Intact acrosome. 

 

 

 

 

 

 

   

Figure 2.4 : Unilateral cryptorchidism and persistent penile frenulum in a bobcat. Black 

circle = unilateral cryptorchidism, presence of only the left testicle; Black arrow = persistent 

penile frenulum 
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Appendix 2 

Table 2-A. Seminal traits for individual ocelots collected by urethral catheterization and/or 

electroejaculation.  

 
WT 

(KG) 
TTVOL VOL CONC TSE TMS ACRO MORPH PPM RFP 

Urethral Catheterization 

E19M 13.4 20.9 148 535.5 79.3 55.5 72 59.8 70 4 

E22M^ 11 20.3 408 3.67 9 7.2 44 35 80 1 

Y27M^ 13.8 21.4 79 294.9 23.3 14 77 21.8 60 2.5 

Y28M^ 5.5 1.85 0        

E13M^ 12.5 21.7 968 124 120 0 33 73 0 0 

E24M^ 9.8 8.1 663 1 0.7 0 7 15 0 0 

OM341^ 11.4 22.3 321 7.5 9.5 3.8 26 14 40 0.5 

LO02M 5.7 0.95 43        

Electroejaculation          

E22M^ 9.3 22.7 922 97 99.5 79.6 76 27 80 2 

E13M 12.5 21.7 250 8 7.6 6.1 60.5 69 80 3 

E24M 9.8 8.1 200        

LO04M^ 9.8 13.3 431 47 13.8 11.7 71 86.5 85 4.5 

OM341 11.4 22.3 686 51 152.5 137.3 85 50 90 4.5 

TTVOL, total testicular volume (cm3); VOL, semen volume (µl); CONC, sperm concentration (x 106 / ml); TSE, 

total sperm per ejaculate (x 106); TMS, total motile sperm (x 106); ACRO, intact acrosome status (%); MORPH, 

normal sperm morphology (%); PPM, percent progressively motile (%); RFP, rate of forward progression (0-5);  

^urine contamination 
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Table 2-B. Seminal traits for individual bobcats collected by urethral catheterization.  

 
WT 

(KG) 
TTVOL VOL CONC TSE TMS ACRO MORPH PPM RFP 

EB31M* 10 2.46         

EB33M 9.09 2.44 25 5.5 0.137 0.04 42 28.5 30 3 

EB34M^ 8.4 1.97 10 42.5 0.425 0.004 14.5 38.5 1 3 

EB35M^ 8 1.48 1000    17 50   

EB36M 8.1 2.21 54.4 56.5 3.08 0.03 21 5.3 1 4 

EB37M 11.8 5.16 36.8 40 1.47 0.59 31 19.5 40 4 

EB38M^ 11.8 3.8 200        

EB39M^ 9.09 1.08 191        

EB42M 9.78 2.64 60 58.5 3.51 0.35 64 27.5 10 3 

EB44M^ 6.93 2.95 1000    24 27.5   

EB45M 6.81 2.04 14 23 0.32 0.003 60 28.8 1 3 

YB7M^ 10.23 1.01 1000    15 19   

YB9M^ 9.99 4.25 33.6 125.5 4.22  18 9.5   

YB10M^ 9.27 3.91 1000    28.5 9   

EB48M 8.24 2.86 73 1 0.73  47 37   

EB50M^ 7.96 1.85 40 2.12 0.25 0.03 38 19 10 1.5 

EB51M^ 6.9 0.54 50 0.125 0.003      

EB53M 9.44 2.29 15 122.5 36.8 14.7 70 29 40 1 

EB54M 9.16 1.56 14 9 0.126 0.01 53 31 10 3 

LB01M^ 8 5.15 320 1 0.067  33 12.5   

LB02M* 8.7 0.47 0        

LB03M^ 9.66 5.25 170 2 0.34  35 25   

TTVOL, total testicular volume (cm3); VOL, semen volume (µl); CONC, sperm concentration (x 106 / ml); TSE, 

total sperm per ejaculate (x 106); TMS, total motile sperm (x 106); ACRO, intact acrosome status (%); MORPH, 

normal sperm morphology (%); PPM, percent progressively motile (%); RFP, rate of forward progression (0-5); 

*unilateral cryptorchid; ^urine contamination 
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Chapter III: Assessment of ultra-rapid freezing as a simplified, field-friendly 

technique for long-term storage of spermatozoa in ocelots (Leopardus pardalis) 

and bobcats (Lynx rufus) in southern Texas 
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Abstract 

Recent studies of small populations of wild felids have shown a loss of genetic variability 

over time, specifically in southern Texas, where ocelot (Leopardus pardalis) populations are 

increasingly becoming genetically similar.  Assisted reproductive technologies (ARTs) can be 

used to address behavioral or physical incompatibilities between genetically suitable breeding 

pairs, connect regional populations by transporting frozen gametes, preserve genetic diversity 

within liquid nitrogen tanks, and link wild and human-managed populations without removing 

cats from the wild.  Traditionally, semen has been cryopreserved by slow freezing in plastic 

straws before storage in liquid nitrogen.  Recently, a technique was developed for pipetting 

semen directly into liquid nitrogen for ultra-rapid freezing (URF) to create sperm pellets, 

decreasing the time and effort needed to preserve samples for storage.  The goal of this study was 

to compare the effectiveness of URF with traditional straw freezing for field usage.  Semen was 

collected by UC and EEJ and preserved using both cryopreservation methods.  Post-thaw, sperm 

samples were assessed for progressive motility over time, acrosomal integrity, and heterologous 

in-vitro fertilization using domestic cat oocytes.  From 2019 through 2022, semen was collected 

from 12 adult male felids (n=6 ocelots; n=6 bobcats (Lynx rufus)).  For ocelots (O) and bobcats 

(B), there was a significant effect of time on acrosomal integrity, percent motility, and forward 

progressive motility (O, p<0.001; B, p<0.001; respectively).  While there were no differences in 

oocyte cleavage rate or sperm quality (p>0.05) post-thaw with either cryopreservation method, 

sperm quality was consistently greater using a different combination of semen collection and 

cryopreservation methods for both species (ocelots: EEJ with STRAW and bobcats: UC with 

URF or STRAW).  Further examination of EEJ in bobcats and fertilization success of frozen-

thawed sperm samples in vivo should be explored to support these findings.  Although additional 

modifications for species variability need to be explored, these initial results suggest the UC-

URF approach may be suitable for field use with some cat species, allowing wildlife 

veterinarians to routinely bank semen samples from wild felids for broader application of ART. 

Introduction 

Recent studies of small populations of wild felids in southern Texas have shown loss of 

genetic variability over time [1-3].  Genetic drift and inbreeding depression to compromise the 

fitness of a population and further reduce their viability [4-6].  Assisted reproductive 
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technologies (ARTs) may mitigate the decline in genetic diversity and its consequences by 

addressing behavioral and physical incompatibilities among breeding pairs, connecting distant 

populations by transporting reproductive materials such as semen and embryos, preserve genetic 

diversity using liquid nitrogen tanks, and link wild and human-managed populations without 

requiring removal of cats from the wild [7].  Maintenance of adequate genetic variation in ex situ 

(captive) and/or in situ (wild) populations could be facilitated by the storage of frozen gametes 

and embryos in liquid nitrogen tanks, permitting easier transport for genetic exchange between 

distant locations and promoting long-term preservation to counter genetic drift and catastrophic 

loss [8-10].  Species and individuals differ in the ability of their sperm to survive 

cryopreservation and the investigation of these techniques on a species-level basis is necessary 

[11-12]. 

Previous cryopreservation studies in other feline species have used either sperm pelleting on 

indentations in dry ice [13-17] or straw freezing over liquid nitrogen vapor [14, 18-21].  One 

nulliparous female ocelot treated with exogenous gonadotropins and inseminated with frozen-

thawed spermatozoa cryopreserved in straws, conceived and gave birth to a healthy kitten 78 

days later [13].  However, an increase in total sperm used for artificial insemination (AI) was 

needed to compensate for the acrosome damage as compared to freshly collected inseminates 

used for AI procedures [13]Compared with fresh ejaculates, frozen-thawed spermatozoa 

cryopreserved in straws had similar values for progressive motility status, but decreased 

percentages of normal sperm morphology and lower percentages of intact acrosomes [22].  

Cryopreservation information in bobcats (Lynx rufus) is limited, with one report of successful 

cryopreservation of bobcat sperm using TEST (20% egg yolk and 4% glycerol) medium with a 

traditional straw freezing protocol used in other felids [22, 23, 37].  They also observed that 

frozen-thawed bobcat sperm could fertilize in-vitro matured oocytes from domestic cats, similar 

to other feline species, however, fertilization rates were significantly different dependent on 

season (November (17%) and April (46%)) [23]. Although a reduction in percentage of intact 

acrosomes and post thaw motility was noted, this was similar to other medium-sized cats [23].  

To our knowledge, the use of  these semen cryopreservation techniques with free-ranging ocelots 

or bobcats have never been attempted or reported previously.  

A newer sperm cryopreservation approach, ultra-rapid freezing (URF), offers advantages of 

simplicity and minimal equipment needs, requiring only URF- specific medium and liquid 
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nitrogen [24-26].  A comparative study in domestic cats involving catheter-recovered sperm 

samples frozen by URF or conventional straw freezing reported no difference in post-thaw 

motility and acrosome status of urethral catheterization (UC)- URF samples over time as 

compared to straw frozen samples [26].  Preliminary in-vitro fertilization (IVF) results indicate 

that UC-URF sperm was capable of fertilizing oocytes in vitro and fertilization success with 

URF sperm for all inseminated oocytes (30%) did not differ from that observed with straw 

frozen samples (57%) [26].  However, based on mature oocytes (M2 cell or cleaving), 

fertilization success with URF sperm (35%) was slightly lower than that of sperm frozen in 

straws (65%) [26].  With laparoscopic oviductal artificial insemination (LO-AI), sperm function 

and motility over time are not as critical as with intravaginal or intrauterine AI.  High pregnancy 

rates (70-80%) have been obtained in domestic cats using LO-AI with low sperm numbers (~ 1  

million motile/oviduct) for insemination, including semen that was frozen using standard straw 

cryopreservation methods [27-29].  Additionally, LO-AI has been used to produce kittens with 

not only straw cryopreserved semen, but semen collected with an artificial vagina and 

cryopreserved by URF in domestic cats [30]. 

 As ocelot (Leopardus pardalis) numbers in the wild continue to decline, assisted 

reproductive techniques, such as sperm cryopreservation, could prove useful to store genetic 

material for future use in conservation initiatives.  While bobcat populations are not currently in 

decline [31], they could one day face the same obstacles that many feline species have 

encountered over the last decade and act as a model for closely related, endangered species, such 

as the Iberian lynx (Lynx pardinus) and the Eurasian lynx (Lynx lynx) [32-33].  Assessing 

reproductive techniques while the bobcat population is at a stable size could prove useful for 

future conservation initiatives, should they arise.  The objectives of our study were to compare 

the effectiveness of URF with traditional straw freezing (STRAW) by assessing post-thaw sperm 

motility, rate of forward progression, percentage of intact acrosomes, and heterologous in-vitro 

fertilization capabilities in samples frozen using two techniques.  If proven effective, the use of 

URF cryopreservation would provide a simplified and rapid field technique for sperm 

cryostorage from free-ranging ocelots and bobcats. 
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Materials and Methods 

Animals 

Adult male wild cats (n=12), representing 2 species from 2 genera (Leopardus: ocelot, n=6; 

Lynx: bobcat, n=6) were used in this study.  Wild felids were captured using modified 

Tomahawk traps (Tomahawk Live Trap Co., Tomahawk , Wisconsin, USA) on private ranches 

in Willacy and Kenedy counties in Southern Texas.  A hardware box extension was added to the 

trap to contain a live pigeon or small chicken that were provided feed and water ad libitum.  For 

heterologous in vitro fertilization (IVF) procedures, ovaries from domestic cats undergoing 

ovariohysterectomy were donated from local shelters.  All animal use was approved by and in 

accordance with the policies of the Institutional Animal Care and Use Committee at the Texas A 

and M University– Kingsville (TAMUK), Caesar Kleberg Wildlife Research Institute (CKWRI), 

the University of Tennessee- Knoxville and the Center for Conservation and Research of 

Endangered Wildlife (CREW) at the Cincinnati Zoo and the study was permitted by the United 

States Fish and Wildlife Service (USFWS).  

Media 

       Feline-optimized culture medium (FOCM) was prepared from stock solutions as described 

by Herrick et al. [34].  Modifications to FOCM for in vitro maturation (FOCM-IVM), 

fertilization (FOCM-IVF) and culture (FOCM-IVC) were made according to Herrick et al. [35]. 

All IVM, IVF and IVC media were equilibrated in 6% CO2 at 38.6°C for 12-18 hours before 

use.  Soy-lecithin with 0.2 M sucrose cryopreservation medium was prepared from stock 

solutions as described by Vick et al. [36] and stored in a -40 °C freezer until use for ultra-rapid 

freezing.  Soy with 4% glycerol cryopreservation medium was prepared from stock solutions as 

described by Vick et al. [36] and stored in a -40 °C freezer until use for straw freezing.   

Semen Collection and Cryopreservation 

Males were immobilized and maintained at a light anesthetic plane for semen collection 

procedures.  The anesthetic protocol consisted of an injectable combination regimen of ketamine 

hydrochloride (target dosage: Ocelot- 4 to 8 mg/kg bodyweight; Bobcat- 2.5 to 5 mg/kg 

bodyweight; Wedgewood Pharmacy: Wildlife Pharmaceuticals, Inc. and ZooPharm, Swedesboro 

NJ) and medetomidine (target dosage: Ocelot- 0.05 mg/kg bodyweight; Bobcat- 0.06 mg/kg 
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bodyweight; Wedgewood Pharmacy: Wildlife Pharmaceuticals, Inc. and ZooPharm, Swedesboro 

NJ) given intramuscularly (i.m.) via pole syringe followed by partial reversal with atipamezole 

i.m. (target dosage: 5 mg of atipamezole for every 1 mg of medetomidine given; Wedgewood 

Pharmacy: Wildlife Pharmaceuticals, Inc. and ZooPharm, Swedesboro NJ).  Fasting prior to the 

anesthetic event was not possible due to the cats’ free-ranging nature.  During immobilization, 

eyes were lubricated and covered to minimize stimuli and stress.  Body temperature, heart rate, 

respiratory rate, pulse oximetry, jaw tone, and capillary refill time were monitored throughout 

the procedure.  

Approximately 25-40 minutes post anesthesia injection, the penis was extruded with 

manual manipulation and sterile gloves.  Debris on the penis and in the preputial cavity was 

removed with a water-soaked gauze.  Semen was collected by urethral catheterization (UC) : a 

3.5 (1.2 mm) or 5 (1.7 mm) French in diameter urinary catheter was advanced approximately 15 

cm (ocelots) or 13-15 cm (bobcats) into the urethra, left in place for 30 seconds and slowly 

removed.  If collection of an ejaculate was unsuccessful or not viable by UC, one to three series 

of electroejaculation (EEJ) (2-5 V; 10 stimulations per series) using a standardized technique 

[37] with slight modifications [21, 35] was performed for ocelots. 

Semen samples were assessed using a standardized technique [37] with slight 

modifications.  For samples collected by UC, the sample was placed into an Eppendorf vial with 

a one ml syringe and a small amount of air.  Seminal volume (VOL) of each sample was 

measured using a micro pipettor and assessed initially for the presence of spermatozoa.  For 

spermic samples, motility (percent progressively motile, PPM; 0-100%) and rate of forward 

progressive motility (RFP; scale of 0-5, with 0 being non-motile and 5 being rapid forward 

progression) were evaluated microscopically using raw aliquots from each catheter sample [38]. 

A subset of raw semen (1 µl) was fixed in 49 µl of 0.3% glutaraldehyde and assessed with phase 

microscopy at 400X magnification (100-200 sperm/sample) to determine percent of spermatozoa 

with normal morphology (MORPH).  A subset of raw semen was placed into water at a 1:400 

dilution to determine sperm concentration (CONC) using a hemocytometer method.  Total sperm 

per ejaculate (TSE) was calculated by multiplying the VOL and CONC.  

An aliquot (8 µl) was spread onto two microscope slides (4 µl each), dried at room 

temperature, stained with fluorescein isothiocyanate-peanut agglutinin (Sigma Aldrich 

Corporation), and assessed with fluorescent microscopy (100-200 sperm/sample) to determine 



88 

 

percent of intact acrosomes (ACRO) [36].  The remaining volume was spilt into two aliquots and 

each diluted 1:5 for respective treatments in their respective medium (URF, soy-lecithin (SOY) 

with 0.2 M sucrose; STRAW, FOCM-Hepes).  Sperm concentration of each treatment was 

determined in the same fashion as described above (URFCONC, STRCONC).  The diluted URF 

sample was cryopreserved using a micropipettor, pipetting one, ~20 µl drop at a time directly 

into liquid nitrogen to create pellets.  This process was repeated for the entirety of the volume, 

the pellets placed into a labeled cryovial and stored in liquid nitrogen.  The diluted STRAW 

sample was centrifuged at 600xg for 8 minutes and the resulting sperm pellets were resuspended 

in straw-freezing medium (SOY with 4% glycerol) to 50 X 106 motile sperm/ml and loaded into 

0.25 mL straws (30-100 µl/straw).  Straws were heat sealed, transferred into a sealable plastic 

bag, submerged in room temperature water (100 ml) within a glass container, and cooled to 4 °C 

over a minimum of 2 hours in an electric, plug-in cooler initially until a refrigerator could be 

accessed.  Straws were then frozen using a modified two-step protocol [21, 39].  Briefly, two 

metal racks were placed in a polystyrene foam container partially filled with liquid nitrogen 

(LN2).  Cooled straws were placed on the top rack (7.5 cm above the LN2 surface) for one minute 

and then transferred to the bottom rack (2.5 cm above the LN2 surface) for one minute before 

plunging directly into liquid nitrogen for storage (1-6 months) until once sample for each 

treatment was assessed post-thaw.  

When urine was confirmed within the sample by pH, color, and/or sperm in shock under 

microscopic examination, the sample was immediately diluted with 1000 µl of FOCM-Hepes 

and centrifuged for 8 minutes at 600xg.  The supernatants were removed, and the remaining 

sperm pellet diluted with 100-1000 µl FOCM-Hepes media and motility (percent progressively 

motile, PPM; 0-100%) and rate of forward progressive motility (RFP; scale of 0-5, with 0 being 

non-motile and 5 being rapid forward progression) were evaluated microscopically.  Then, 2 

slides were made for acrosome assessment using 4 µl of the same mixture as previously 

described and 3 µl of sample was fixed in 49 µl of 0.3% glutaraldehyde PBS for morphology 

assessments.  After 5 minutes post dilution with FOCM-Hepes, the motility was re-assessed and 

if motility remained at or above 30%, the straw freezing protocol was continued.  

For samples collected by EEJ, seminal volume (VOL) of each recovered sample was 

measured using a micro pipettor and assessed initially for the presence of spermatozoa.  For 

spermic samples, motility (percent progressively motile, PPM; 0-100%) and rate of forward 



89 

 

progressive motility (RFP; scale of 0-5, with 0 being non-motile and 5 being rapid forward 

progression) were evaluated microscopically using raw aliquots from each collection series [37].  

A subset of raw semen (2.5 µl) was fixed in 49 µl of 0.3% glutaraldehyde and assessed with 

phase microscopy (100-200 sperm/sample) to determine percent of spermatozoa with normal 

morphology (MORPH).  Semen was then diluted 1:1-1:3 with FOCM-Hepes.  All samples 

containing motile sperm were pooled and sperm concentration (CONC) was determined using a 

hemocytometer method.  Total sperm per ejaculate (TSE) was calculated by multiplying VOL 

and CONC.  If urine contamination occurred during a collection set, the sample was immediately 

diluted in FOCM-Hepes, centrifugated for 8 minutes at 600xg, and the supernatant removed.  

The sample was re-suspended with FOCM-Hepes and assessed for recovery of sperm motility 

and forward progressive motility for assessment of inclusion in the pooled sample.  An aliquot (8 

µl) was spread onto two microscope slides (4 µl each), dried at room temperature, stained with 

fluorescein isothiocyanate-peanut agglutinin (Sigma Aldrich Corporation), and assessed with 

fluorescent microscopy (100-200 sperm/sample) to determine percent of intact acrosomes 

(ACRO) [36].  The remaining diluted semen was centrifugated at 600xg for 8 minutes and 

resuspended in straw-freezing medium (SOY with 4% glycerol) to 50 X 106 motile sperm/ml and 

all methods for straw freezing were continued as described previously. 

Post-Thaw Analysis  

Post-thaw methods were conducted using a standardized technique [37] with slight 

modifications.  Domestic cat reproductive tracts were recovered immediately post-spay at a local 

spay-neuter clinic, stored in vials of chilled PBS and transported to the laboratory within 1-3 

hours post-recovery.  Ovaries were macerated in a petri dish containing FOCM-Hepes using a 

sterile scalpel blade to release oocytes.  Recovered cumulus oocyte complexes (COCs) were 

graded with the following scale [40] presented in Figure 3.1.  Grades 1 and 2 were pipetted 

through the wash dish into 3 drops simultaneously and then transferred into an IVM drop (10-15 

COCs at most per drop) and the number of oocytes and grades in each drop recorded.  The IVM 

dish was placed into the incubator and COCs left to mature for 24-26 hours.  For heterologous 

IVF, grade 1 and 2 COCs exhibiting expanded layers of cumulus cells and an oocyte with 

uniformly dark cytoplasm [40] were randomly but equally divided between treatment groups 

(n=10-20 COCs/experimental unit).  COCs were washed three times in FOCM-IVF, and then 
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placed in 95 µl microdrops of FOCM-IVF (10-15 oocytes per drop) maintained at 38.6 °C in 6% 

CO2 under mineral oil (Sigma-Aldrich Corporation).  

Sperm straws were thawed in the air for 10 seconds (sec) and then placed directly into a 38°C 

water bath for 30 sec.  The contents of each straw were emptied into a 1.5-ml microcentrifuge 

tube, slowly diluted with 300 µl FOCM-Hepes, and centrifuged at 300xg for 8 minutes.  The 

resulting sperm pellets were resuspended in 30 µl of FOCM-IVF, and immediately evaluated for 

sperm motility (0 hour) and concentration (CONC).  Sperm concentration was adjusted to 5-10 x 

106 motile sperm/ml and aliquots were added to pre-equilibrated IVF microdrops (5 µl sperm 

into 95 µl drop, final sperm concentration ~ 2.5-5 x 106 motile sperm/ml) and motility 

microdrops (5 µl sperm into 20 µl drops volume, final sperm concentration 1-2 x 106 motile 

sperm/ml) under oil.  

In a cryobucket filled with liquid nitrogen, one pellet of ultra-rapid frozen spermatozoa was 

removed from the cryovial under the LN2 surface.  A glass test tube containing 100 µl FOCM-

HEPES was warmed in a water bath to 38° C.  The semen pellet was then transferred into the 

warmed glass test tube and gently mixed by hand for approximately 30 sec.  The liquid was 

transferred to a microcentrifuge tube, slowly diluted with 200 µl FOCM-HEPES, and 

centrifugated at 300xg for 8 minutes.  All methods for analysis at this point were identical to the 

straw samples.  

Sperm and oocytes were co-incubated in IVF microdrops for 12-18 hours before cumulus 

cells were removed in the presence of 0.5 mg/ml hyaluronidase (Sigma-Aldrich Corporation) by 

shaking vigorously with a vortex mixer.  Oocytes were then washed with FOCM-IVC three 

times before allocating to 95 µl drops of the same medium.  At 48-h post-insemination, oocytes 

were evaluated for cleavage and developmental stage and then fixed separately as cleaving 

embryos or non-cleaving oocytes in FOCM containing 1% neutral-buffered formalin (Fisher 

Chemical, Fair Lawn, NJ, USA).  Hoechst 33342 (Sigma-Aldrich) staining was used to 

determine oocyte stage or embryo status [Figure 3.2]: degenerate (D), germinal vesicle (GV), 

meiosis I (MI), meiosis II (MII), pronuclear (PN), number of blastomeres (BN), and number of 

accessory sperm (AS) bound to the zona pellucida of embryos (E) and mature oocytes.  Oocytes 

at the meiosis II stage or pronuclear stage were classified as mature, and the presence of distinct 

blastomeres was considered indicative of fertilization.  Fertilization percentage (FP) was 

calculated based on the number of mature oocytes.  
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Motility dishes were maintained in the incubator for 24 hours and 2.5 µl aliquots were 

assessed at 1, 3, 6, and 24 hours of incubation for sperm motility (PPM and RFP).  Sperm 

aliquots (4 µl each) were also used to assess percentage of intact acrosomes post-thaw at 0 hours 

and 6 hours of culture.  Acrosome slides were dried at room temperature, stained with 

fluorescein isothiocyanate-peanut agglutinin (Sigma Aldrich Corporation), and assessed with 

fluorescent microscopy (100-200 sperm/sample) to determine percent of intact acrosomes 

(ACRO) [36].  Acrosome status was classified as intact, partially intact or not intact and assessed 

using fluorescence (excitation 465-495/emission >515) on a Zeiss Axioskop Fluorescent 

microscope equipped with AxioCam ERc5s.  Oocytes and embryos stained with Hoechst were 

visualized using fluorescence (excitation 375 ± 28 nm; emission > 435 nm).  Images were 

obtained and processed using Zen 3.1 (blue edition; Carl Zeiss Microscopy GmbH, Germany). 

Statistical Analyses 

Normality was assessed using the Shapiro-Wilk test at a 95% confidence interval.  If a 

normal distribution was reported, the mean values ± SEM were reported in the results.  If there 

was a non-normal distribution, the median (minimum-maximum) values were reported in the 

results.  The effect of treatment, time, and treatment by time on post-thaw parameters was 

assessed using mixed model analysis of variance (ANOVA) with animal as a random factor.  

Descriptive analysis of number of sperm bound to mature oocytes per animal was reported as 

mean values ±  SEM.  All analyses were performed in SPSS 28 with an α= 0.05.  

Results 

From 2019 through 2022 (a total of 3 field seasons), semen was collected from 12 adult 

male felids (n=6 ocelots; n=6 bobcats).  Mean (±SEM) and/or median (minimum- maximum) 

values for pre-freeze seminal traits in ocelots and bobcats assessed in this study are presented in 

Table 3.1.  For bobcats (B) and ocelots (O), there was a significant effect of post-thaw time on 

acrosome integrity (B, p<0.001; O, p<0.001), percent motility (B, p<0.001; O, p<0.001), and 

forward progressive motility (B, p<0.001; O, p<0.001) [Figure 3.3] with all parameters 

declining over time.  There was no significant effect of treatment (URF vs STRAW) or treatment 

by time for either species.  Table 3.2 shows the mean fertilization percentage at 48 hours post-

insemination for both treatments (URF vs STRAW) and the mean (±  SEM) of number of sperm 
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bound to mature oocytes.  For ocelots, there was only one male for which both freezing 

techniques were applied after urethral catheterization with the straw sample showing a greater 

fertilization percentage (URF, 29.4%; STRAW, 61.5%).  For bobcats, fertilization percentages 

were similar between the two cryopreservation techniques.  When straw cryopreservation was 

compared for samples recovered with the two collection techniques (UC vs EEJ), fertilization 

percentages were greater for UC.  

Discussion 

To our knowledge, this is the first attempt to collect and preserve semen samples from 

free-ranging ocelots and bobcats.  Our approach used the same cryodiluents, collection methods, 

and cryopreservation techniques previously reported for ocelots and bobcats in human-managed 

populations, but with our specific methodology adapted for field usage.  Post-thaw, time had the 

greatest effect on sperm quality with the largest declines occurring from pre-freeze to immediate 

post-thaw and to 6 hours post-thaw.  These findings may increase our level of concern for sperm 

viability and longevity within the reproductive tract after artificial insemination procedures.  In 

vivo, sperm are stored within the isthmus of the oviduct [41], requiring a period of incubation for 

capacitation (gaining competence to fertilize an oocyte) [42], and then are released close to the 

time of ovulation to complete fertilization [43-44].   

Over time, significant declines also were noted in post-thaw acrosomal integrity, percent 

motility, and forward progressive motility [Figure 3.3].  Sperm motility and acrosomal integrity 

are essential for sperm fertilization [44-47] with declines following cryopreservation in other 

studies [48] associated with decreasing in-vitro fertilization (IVF) success [46].  In other non-

domestic feline species, such as the cheetah, these factors proved to be most impactful on oocyte 

penetration and fertilization percentages over time with IVF [17].   

One sperm variable, rate of forward progression, is arguably even more important than 

the percentage of motility as 10% or 50% of sperm could be moving, but if not in a forward 

direction, likely will not contact the oocyte.  In addition, acrosomal integrity is imperative for the 

process of capacitation in order for fertilization to occur and the creation of an embryo to be 

successful.  Once binding of the sperm to the oocyte takes place, acrosomal exocytosis (the 

acrosome reaction) will commence, allowing the sperm to penetrate the zona pellucida (outer 

layer of the oocyte), fuse with the vitelline membrane, and trigger embryonic development [42].  
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Although artificial insemination procedures can be timed relative to ovulation, declines in 

motility, progressive motility, and acrosomal integrity could further hinder success decreasing 

sperm longevity and viability.  These declines in seminal quality have the potential to reduce the 

likelihood of successful sperm capacitation, the sperms’ ability to locate the oocyte, and the 

acrosomal reaction needed for fertilization.  

Although differences in sperm quality were not significant between the two 

cryopreservation methods, straw freezing tended to produce superior post-thaw parameters, as 

shown in Figure 3.3, in ocelots, regardless of collection technique (UC vs EEJ).  For the 

comparison of collection method (UC vs EEJ) in ocelots, straw samples produced a greater 

percentage of oocyte cleavage with semen collected by UC [Table 3.2].  One potential reason for 

this difference is the inclusion of only viable, non-urine contaminated samples for the UC 

method, because urine contaminated UC samples were too compromised for cryopreservation.  

Consistent urine contamination of our catheter collected samples increased our concern for other 

aspects of the project and our larger ocelot conservation initiative as subsequent capture of a 

specific individual is not guaranteed, making each collection crucial to ocelot conservation.  

Therefore, we added electroejaculation into our sampling protocol as a second method for sperm 

collection within the final season decreasing our available number of attempts for EEJ 

application and overall collection numbers using this technique.  For EEJ samples that were 

contaminated with urine, salvaging methods ( i.e., immediate dilution and centrifugation) 

allowed recovery of some viable sperm for cryopreservation, but possible with subtle damage. 

This finding suggests that UC samples without urine contamination can be effectively frozen by 

the traditional straw method, with superior results compared to urine-damaged EEJ samples.  

However, regardless of urine contamination, the EEJ collection method with subsequent straw 

freezing, remains the most consistent method to obtain superior post-thaw viability and in-vitro 

fertilization success in ocelots, in which urine contamination during semen collection is a 

common occurrence.  Further assessment of the EEJ collection method with subsequent URF 

cryopreservation may be warranted to improve potential for field usage.  

In contrast to ocelots, bobcat semen samples frozen by URF had consistently greater 

post-thaw seminal values as compared to straw samples, but fertilization percentages were 

similar between the two cryopreservation methods.  Previous studies of zoo-based bobcats 

examined post-thaw traits in bobcat semen collected by EEJ and frozen in TEST (egg yolk 
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based) medium using straw cryopreservation [23].  They observed that cryopreserved bobcat 

sperm could fertilize domestic cat oocytes with a cleavage rate of 46% [23].  The fertilization 

rate, with the cryopreservation medium used in this study, was similar to that of previous studies 

using the same cryodiluent in other felid species [37].  However, compared to egg yolk-based 

media, cryomedium containing soy lecithin is often preferable, since non-animal based proteins 

avoid the greater risk of bacterial contamination, and reduce regulatory barriers for international 

transport and use. Based on our initial results, additional studies in bobcats should include 

assessment of EEJ and straw freezing using the SOY-based cryodiluent and further investigation 

of EEJ combined with URF. We did not include electroejaculation as a collection technique in 

our study due to the stable nature of the species and further reproductive technologies, such as 

artificial insemination procedures, not being including in the scope of this project for bobcats.   

Declines in quality of frozen-thawed semen is a common occurrence in domestic cats, 

with reports of up to 50% loss of acrosomal integrity [19] and 30% loss of motility [46].   

Reasons for sperm quality decline may be related to ice crystal formation with the rupture of 

cellular membranes during rapid cooling [49], damage to the internal mitochondrial structure 

[50], and premature acrosomal reaction and capacitation shortening the life of sperm and 

reducing fertility [47].  Although we have documented similar declines in acrosomal integrity 

and motility in ocelots and bobcats, including CASA systems or alternative in-vitro assays, such 

as homologous zona pellucida (ZP) adhesion and/or homologous or heterologous (intraspecific) 

ZP penetration, could further evaluate various motility parameters and be useful for identifying 

capacitated conditions [47, 51].  For both species there were a higher number of accessory sperm 

bound to the zona pellucida for samples frozen by straw cryopreservation.  Although fertilization 

percentages were not much different between the two freezing methods in most cases, the 

slightly higher fertilization percentages with straw samples suggest that greater acrosomal 

damage may have occurred with the URF method with fewer acrosome remaining intact post-

thaw over time.  Further assessment of capacitated conditions and acrosomal function could 

increase our understanding of these differences.  

Although we demonstrated that frozen-thawed ocelot and bobcat sperm could fertilize 

domestic cat oocytes in-vitro, it is unknown whether a similar result would hold true in vivo.  

Many studies have investigated IVF success using domestic cat oocytes to test functionality of 

frozen-thawed sperm samples from non-domestic feline species, showing a lack of hindrance to 
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cross-species fertilization [7, 21, 35, 52-54], and allowing this method to be valuable for 

assessing initial fertilization capabilities.  Moreover, this technique provides oocytes that are 

more readily available, as the collection of conspecific oocytes from wild felids for testing 

presents multiple obstacles (i.e., small population sizes, endangered intractable species, 

complicated oocyte recovery procedures, wastage of valuable genetic resources, etc.).  This 

method further relies on the use of incubators and media formulations to create an ideal 

environment for oocyte maturation, gamete support, and embryo formation introducing many 

levels in which success could be affected by system errors, such as incubator malfunction, 

incorrect media formulations, and low quality oocytes from aging domestic felines.  While our 

initial cleavage rates using heterologous in-vitro fertilization methods indicate the capability of 

these sperm samples to successfully fertilize oocytes, absolute confirmation of post-thaw sperm 

function would require examination of fertilization and subsequent pregnancies in vivo using 

semen samples cryopreserved with both methods.  

For free-ranging populations, management of genetic diversity by translocation can be 

politically complicated with increasing concern for introduction of naïve pathogens to a 

population and/or naïve individuals to a new environment.  Although the cleavage rate for URF 

and STRAW cryopreserved semen samples were similar for both species, EEJ-STRAW 

collection and cryopreservation combination performed most consistently for ocelots despite 

urine contamination. Time had a significant effect of sperm quality and viability post-thaw 

indicating the need for semen of higher pre-freeze quality to mitigate damage sustained during 

cryopreservation.  Additionally, this information recommends the use of electroejaculation for 

semen collection and subsequent straw cryopreservation for free-ranging ocelots to provide the 

greatest chance for successful collection and storage of genetic diversity. For bobcats, UC-URF 

provided an adequate collection and cryopreservation method, but further combinations and 

techniques should be further explored. These techniques allow for semen banking of free-ranging 

felids and provides a means of preserving genetic diversity without the need to rely solely on the 

movement of individuals between distant populations. 
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Figure 3.1: Classification of cumulus oocyte complexes (COCs). Grade 1 (a) = dark, uniform 

ooplasm with spherical eccentric nucleus, 5+ layers of tight cumulus cells surrounding the entire 

oocyte, complete intact zona pellucida; Grade 2 (b) = dark uniform ooplasm, lesser amounts of 

cumulus (<5 layers) surrounding the oocyte, and intact zona pellucida; Grade 3 (c)= clear or 

clear patches in the ooplasm, very little cumulus, tear(s) in ZP;Grade 4 (d) = severe mosaic 

transparency in ooplasm, sparse complement of cumulus or denuded. 
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Figure 3.2: Classification of oocytes and embryos. (a) Sperm binding to the zona pellucida. (b) 

Germinal Vesicle (GV). (c) Meiosis I cell (MI). (d) Meiosis II cell (MII). (e) 4-cell Embryo (E). 

(f) Pronuclear cell (PN). White arrows signify important cell structure for each cell type; *, 

denotes 4 nuclei of the 4-cell embryo; white circle, cellular material splitting denoting a 

pronuclear cell. 
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Table 3.1: Mean (±SEM) values for pre-freeze seminal traits in samples processed for  

cryopreservation.  

UC, urethral catheterization collection technique; EEJ, electroejaculation collection technique; VOL, semen volume 

(µl); CONC, sperm concentration (x 106 / ml); TSE, total sperm per ejaculate (x 106); TMS, total motile sperm (x 

106); ACRO, intact acrosome status (%); MORPH, normal sperm morphology (%); PPM, percent progressively 

motile (%); RFP, rate of forward progression (0-5); SEM, Standard Error of the Mean; *values reported are median 

values (min-max) due to a non-normal distribution. 

 

 

 

 

Table 3.2: Cleavage percentage at 48 hours post-insemination of domestic cat oocytes 

(mature only) with non-domestic cat sperm cryopreserved by ultra-rapid freezing or straw 

freezing.  

 

 UC-URF UC-STRAW EEJ STRAW 

Ocelots n=1 n=2 n=4 

1 29.4 (17; SB 1.88 ± 0.36) 61.5 (13; SB 2.38 ± 0.86)  

2  61.5 (13; SB 2.15 ± 0.48)  

2   31.3 (16; SB 1.56 ± 0.38) 

4   33.3 (12; SB 0.92 ± 0.34) 

5   15.4 (13; 0.78 ± 0.26) 

6   27.3 (11; SB 1.0 ± 0.18) 

Bobcats n=3 n=2  

7 100 (8; SB 1.25 ± 0.25)   

8 45.5 (11; SB 0.91 ± 0.83) 54.5 (11; SB 1.27 ± 0.43)  

9 8.3 (12; SB 0.17 ± 0.11)) 16.7 (18; SB 0.56 ± 0.26)  

Data are reported as the percent of mature oocytes that cleaved (total mature oocytes per treatment). Collection 

methods: UC= urethral catheterization, EEJ= electroejaculation; Cryopreservation methods: URF= ultra-rapid 

freezing, STRAW= straw freezing. SB= sperm bound to zona pellucida for mature oocytes (mean ± SEM) 

 Ocelot UC (n= 3) Ocelot EEJ (n=4) Bobcat UC (n= 6) 

VOL 113.5 (± 34.5) 468 (200-922)* 30.9 (14-60)* 

CONC 415.2 (± 120.3) 29.5 (0-97)* 48.25 (5.5-122.5)* 

TSE 79.25 (23.3-269.5)* 53.55 (0-152.5)* 2.28 (0.137-36.8)* 

TMS 55.12 (14-80.85)* 42.85 (0-137.3)* 0.195 (0.003-14.7)* 

ACRO 52 (± 10.1) 73.3 (± 5.0) 45.83 (± 7.7) 

MORPH 40.3 (± 11) 58.1 (± 12.8) 23.08 (± 3.86) 

PPM 50 (± 15.3) 83.8 (± 2.4) 21.3 (± 7.3) 

RFP 3.3 (± 0.44) 3.9 (± 0.4) 3.25 (± 0.25) 
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Figure 3.3: Percentage of intact acrosomes, percent progressive motility, and forward 

progressive motion over time for bobcats and ocelots comparing two semen 

cryopreservation techniques. URF: ultra-rapid freezing; STRAW: straw freezing; UC: urethral 

catheterization collection method; EEJ: electroejaculation collection method; PT: post-thaw; Hr: 

hours. Standard error bars are represented. Lower case superscripts denote differences (p<0.05) 

among time points. Treatment (URF vs STRAW) did not differ and therefore, time points were 

assessed collectively. 
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Abstract 

Free-ranging ocelot populations in the US have declined to less than 80 cats remaining in 

southern Texas.  Consequently, increased inbreeding depression may negatively impact their 

fertility, reduce breeding success and cause regional extinction.  In conjunction with novel 

methods of semen collection and cryopreservation, application of laparoscopic oviductal 

artificial insemination (LO-AI) with frozen semen, which was successfully used with zoo-housed 

ocelots, is described herein as a new conservation tool for wild ocelot populations.  In the present 

study, the goal was to assess the feasibility of LO-AI, using frozen semen sourced from wild 

Texas ocelots, to produce pregnancies in zoo-based females.  Semen recovered from wild ocelots 

(n=4) via urethral catheterization and/or electroejaculation during anesthesia or post-mortem 

after vehicular trauma, was cryopreserved by ultra-rapid freezing and/or traditional straw 

freezing.  Ovarian activity and ovulation of zoo-housed ocelots (n=5) were synchronized for LO-

AI using oral progestin treatment (30 days), followed by a 7 to 9-day withdrawal period and 

administration of gonadotropin (eCG/pLH).  At laparoscopy (~38 hours post-gonadotropin 

administration), frozen-thawed semen was deposited into oviducts of each ovulatory female, and 

fecal progestin analysis was used to assess pregnancy status.  All five females ovulated in 

response to gonadotropin treatment, averaging 3.4 ± 1.36 corpora lutea for each female, and were 

inseminated with an average of 4.97 ± 1.79 x106 motile frozen-thawed sperm.  Despite 

successful ovulation induction, no females became pregnant, likely due in part to sub-optimal 

pre-freeze sperm traits and a decline in post-thaw seminal quality caused by cryopreservation-

based damage.  The use of freshly-collected sperm for LO-AI procedures could increase 

conception rates, but is comprised by many challenges associated with working with free-

ranging ocelot populations.  These findings suggest that further evaluation of LO-AI , using 

greater quality sperm samples, is warranted to eventually allow introduction of novel genetics 

into Texas ocelot populations to support their conservation and recovery.  

Introduction 

     Artificial insemination (AI) is a common technique for assisted reproduction in many 

domestic species for the production of new breeds, and farm animals using fresh and frozen -

thawed semen to propagate these species for human consumption.  Additionally, AI can assist 

individuals that cannot breed naturally due to behavioral, physical or physiological barriers, and 
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can improve genetic distribution and diversity by transporting frozen genetic materials (semen, 

embryos, etc.) to geographically distant institutions and countries, and preserve valuable genetics 

within liquid nitrogen tanks [1].  These techniques have proven successful in domestic cats, 

whose population numbers in the hundreds of millions globally. Most of their non-domestic 

relatives, however,  are facing declines that could threaten their existence in the wild in the future 

[1].  Accredited zoos in North America manage many of these non-domestic feline species, with 

the goal of conserving their genetic diversity [2]. However, limitations on population size and 

holding space likely inhibit attaining this goal with natural breeding as the sole strategy [3].  

Many studies have examined the reproductive physiology of domestic and non-domestic feline 

species and have explored assisted reproductive technologies that can be applied to endangered 

felids using the domestic cat as a model.  To do so requires understanding the reproductive 

physiology of each wild cat species, and then, use this knowledge to effectively apply artificial 

insemination for the propagation of their endangered populations.  

One critical factor affecting the success or failure of assisted reproduction is the 

ovulatory mechanisms typical of each species.  Ovulation can be divided into two types: induced 

and spontaneous.  In many induced ovulators, genital somatosensory stimulation during coitus 

produces a preovulatory release of gonadotropin releasing hormone (GnRH) and a resulting 

release of luteinizing hormone (LH) from the anterior pituitary induces ovulation [4-10].  In non-

domestic felids, studies have investigated the incidence of spontaneous and/or induced ovulation 

[11] with many cat species showing evidence of spontaneous ovulations in captive settings [11-

19].  However, the ocelot (Leopardus pardalis) has strictly demonstrated induced ovulation as 

well as cyclicity year-round [19]. Detection of ovulation via ultrasonography can be challenging 

[20], presenting challenges for non-invasive confirmation of ovulation to allow artificial 

insemination procedures to take place.  Laparoscopic examination, although invasive, is more 

definitive, allowing visualization of corpora haemorrhagica (CH) and lutea (CL) to confirm 

ovulation [21-22].  In wild felids, the basic anatomy is similar to domestic cats, with variations in 

tract dimensions and only slight changes in morphology [1, 23-24]. 

For timing of AI procedures, precise synchronization of the estrous cycle and ovulation 

induction is essential for ensuring the placement of semen into the reproductive tract at the 

proper time.  Oral progestins, such as altrenogest, have been shown to suppress ovarian estrogen 

production and prevent spontaneous ovulations, with recovery of ovarian activity after 
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withdrawal of the product in domestic cats [1, 25].  Similar results have been observed in many 

non-domestic feline species [26-27], including ocelots [28-29].  Treatment with oral progestin 

and then subsequent withdrawal can allow synchronization for the induction of estrus and 

ovulation.  Treatment with exogenous gonadotropins (i.e., equine chorionic gonadotropin, eCG) 

is the most common method to induce estrus in cats [1] with eCG being preferred over others 

due to its persistence in the circulation (4-5 days) reducing the number of necessary injections [1, 

30].  Although human chorionic gonadotropin (hCG) is highly effective at inducing ovulation, 

the development of secondary follicles and corpora lutea (CL) after ovulation can disrupt the 

hormonal environment causing abnormal implantations and retarded fetal development [31-32]. 

Another product, porcine luteinizing hormone (pLH) is also effective at inducing ovulation in 

feline species without these undesirable effects [30, 32, 33-34].  Using this regimen (eCG-pLH), 

high pregnancy rates (~70%)  with normal litter sizes have been produced in domestic cats with 

AI [31,33, 35-36] and several non-domestic felid species [1].  

The first successful AI in domestic cats was reported in the early 1970s using freshly 

collected semen deposited into the vagina on a natural estrous cycle after the administration of 

hCG [37] with conception rates reaching 50%. However, this technique required high numbers 

of sperm (5-10 million) which limited its practical use [1].  Additionally, these basic approaches 

met other physical obstacles, such as narrow openings, tight transition points, and other 

anatomical barriers that prevented passage of AI catheters [1, 24, 38-40].  Over time, other 

methods were developed in domestic cats, such as: laparoscopic uterine artificial insemination 

(LUAI) with fresh sperm following the treatment combination of eCG-hCG [41], deposition of 

fresh or frozen-thawed sperm into the uterine horn or oviducts via midline laparotomy following 

hCG treatment of naturally estrous females [42-44], vaginal AI with frozen-thawed semen [45], 

and transcervical AI [46-47].  A limiting factor of these methods included the need for relatively 

high numbers of sperm for LUAI (8-10 million motile sperm per AI) [1, 41], uterine deposition 

via midline laparotomy (4-10 million sperm per AI) [42-44], vaginal AI (50-100 million motile 

sperm per female) [1, 45], and transcervical AI (50-100 million motile sperm per female) [46-

47].  Although high pregnancy rates were produced with the midline laparotomy (ML) and LUAI 

(~50%), the need for high sperm numbers and the surgical intervention required for the ML 

approach limits the applicability to non-domestic feline species [1, 42-44].   



111 

 

The first non-domestic cats were produced via laparoscopic or transcervical uterine AI in 

the 1980s, resulting in the birth of a puma (Puma concolor) [48], leopard (Panthera onca) [49], 

and from vaginal AI, a tiger (Panthera tigris) [50]. Additional pregnancies have been produced 

combining semen collected via urethral catheterization and transcervical AI into naturally estrual 

females following ovulation induction with a GnRH agonist [51], however, high numbers of 

quality sperm were required as described in domestic cats [1].  Laparoscopic uterine AI (LU-AI) 

increased success in cheetahs [52] and ocelots [53] after treatment with combinations of eCG-

hCG or eCG-pLH for ovarian stimulation [35], resulting in 3 LU-AI ocelot pregnancies [53].  

However, the need for large numbers of sperm continued to be a limitation when using frozen-

thawed semen with only 5 pregnancies (3 cheetah, 1 leopard cat, and 1 ocelot) produced with 

LU-AI [1, 35].  The development of laparoscopic oviductal artificial insemination (LO-AI) in 

domestic cats [24, 31] presented an approach that could overcome the anatomical and 

physiological barriers and the need for high sperm numbers [1].  Additionally, this approach can 

mitigate the lack of post-coital reactions seen in natural breeding that promotes transport via 

muscular contractions [54], bypassing the need for sperm transport through the reproductive tract 

(including the cervix and uterotubal junction) [1, 54] to the ampulla, the site of fertilization [55].  

This procedure enables the use of small numbers of sperm, allowing for multiple LO-AI 

procedures to be performed with a single male’s ejaculate and decreasing the requirement for 

high quality spermatozoa to gain access to and fertilize oocytes within the ampulla [1].  

 For AI, the timing of the procedure relative to ovulation is critical for oocyte maturity and 

viability at the time of semen deposition [1].  For frozen-thawed sperm, the short life span (6-12 

hours) may impair fertility if the AI is performed hours after or before ovulation [1].  Fixed-time 

LO-AI procedures using oral progestin, followed by an eCG-pLH combination, demonstrated 

high pregnancy rates (>70%) with low sperm numbers (1 million motile sperm per oviduct) in 

domestic cats when using frozen-thawed sperm [56] and sperm frozen by ultra-rapid freezing 

methods [57].  In non-domestic felids, LO-AI has produced 12 pregnancies in 6 species (ocelot, 

Pallas’ cat (Otocolobus manul), sand cat (Felis margarita), fishing cat (Prionailurus viverrinus), 

tiger, clouded leopard (Neofelis nebulosa)). Used in combination with oral progestin suppression, 

LO-AU has resulted in 5 pregnancies in 4 species (ocelot, sand cat, Pallas’ cat, fishing cat), 

including 3 pregnancies being produced by frozen-thawed semen [24, 28-29, 58-59].  Although 

the LO-AI technique allows the deposition of sperm into the oviductal lumen, declines in sperm 
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motility still can compromise oocyte fertilization or storage, making the timing of LO-AI and 

synchronization of ovulation prior to the procedure more pressing [36].  In ocelots, the fixed-

timed LO- AI procedure requires treatment with of oral progestin (0.044 mg/kg PO) once daily 

for 30 days for ovarian suppression, a 7-day withdrawal period, followed by injections of eCG 

(400 IU i.m.) and pLH (3000 IU i.m.) given 82 hours apart [25, 28-29, 35, 56] to stimulate 

follicular growth and ovulation, respectively.  LO-AI is then conducted  ~38 hours post pLH 

injection.  

 In naturally estrual felids that are successfully mated, progesterone concentrations rise in 

circulation due to the activity of corpora lutea on the ovaries [60], remain elevated during the 

pregnancy and then begin to decline to baseline just prior to or shortly after parturition [61-62].  

Progesterone metabolites (progestin) have been demonstrated in the feces of many cat species 

and have shown to mimic progesterone profiles in the circulation [63].  In non-domestic felids, 

fecal progestin concentrations are similar during pregnant and nonpregnant luteal phases, just 

like in domestic cats [11]. However, non-pregnant luteal phases are characterized by a shorter 

duration of fecal progestin elevation (approximately 1/3 to 1/2 of the gestation period) than 

pregnancy [15, 17, 60, 64-65].  For example, in tigers, the non-pregnant-luteal-phase (NPLP) is 

reported to last ~ 35 days, whereas fecal progestins during pregnancy remain elevated much 

longer (108 days until parturition) [66].  Therefore, diagnosis of pregnancy can be performed by 

analyzing fecal progestin levels beyond the duration of the non-luteal phase (~day 40-50 in most 

cats).  

The objective of this research was to assess the efficacy of frozen-thawed sperm from 

wild Texas ocelots cryopreserved by two methods: traditional straw freezing (STRAW) versus 

ultra-rapid freezing (URF) in producing viable pregnancies in human-managed ocelots following 

LO-AI.  This information will provide insight into assisted reproductive technologies that can be 

utilized for the management and conservation of ocelots, not only in human care, but in free-

ranging populations in the future.  

Materials and Methods 

Semen Collection and Cryopreservation 

Adult, free-ranging male ocelots (n=4) were captured using modified Tomahawk traps 

(Tomahawk Live Trap Co., Tomahawk , Wisconsin, USA) on private ranches in Willacy and 
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Kenedy counties in southern Texas.  All animal use was approved by and in accordance with the 

policies of the Institutional Animal Care and Use Committee at the Texas A and M University– 

Kingsville (TAMUK), Caesar Kleberg Wildlife Research Institute (CKWRI), the University of 

Tennessee- Knoxville and the Center for Conservation and Research of Endangered Wildlife 

(CREW) at the Cincinnati Zoo and the study was permitted by the United States Fish and 

Wildlife Service (USFWS).  

Males were immobilized and maintained at a light anesthetic plane with a combination of 

ketamine hydrochloride (target dose: 4 to 8 mg/kg bodyweight; Wedgewood Pharmacy: Wildlife 

Pharmaceuticals, Inc. and ZooPharm, Swedesboro NJ) and medetomidine (target dose: 0.05 

mg/kg bodyweight; Wedgewood Pharmacy: Wildlife Pharmaceuticals, Inc. and ZooPharm, 

Swedesboro NJ) given intramuscularly (i.m.) and followed by partial reversal with atipamezole 

i.m. (target dose: 5 mg of atipamezole for every 1 mg of medetomidine given; Wedgewood 

Pharmacy: Wildlife Pharmaceuticals, Inc. and ZooPharm, Swedesboro NJ).  Approximately 25-

40 minutes post-anesthetic injection, the penis was extruded with manual manipulation and 

sterile gloves, debris removed with a water-soaked gauze, and semen was collected in 1 of 3 

ways: (1) urethral catheterization (UC): a 5 French (1.7 mm) diameter urinary catheter was 

advanced approximately 15 cm into the urethra, left in place for 30 seconds, and slowly 

removed; (2) one to three series of electroejaculation (EEJ) (2-5 V; 10 stimulations per series) 

using a standardized technique [67] with mild modifications [68-69]; or (3) post-mortem by a 

series of flushing, stripping, and mincing the tissue of the epididymides and vas deferens to 

remove any remaining sperm.  Spermatozoa were then assessed for percent motility, forward 

progressive motility, acrosomal integrity, concentration, and morphology prior to 

cryopreservation.  Samples were then diluted in their respective cryodiluent for cryopreservation: 

(1) ultra-rapid freezing (URF), soy-lecithin 0.2 M sucrose and (2) straw freezing, FOCM-Hepes.  

Briefly, URF samples were cryopreserved using a micro pipettor, pipetting one, ~20 µl drop at a 

time directly into liquid nitrogen to create pellets for the entirety of the volume and the pellets 

placed into a labeled cryovial to be stored in liquid nitrogen.  Straw samples were centrifuged at 

600xg for 8 minutes and the resulting sperm pellets were resuspended in straw-freezing medium 

(SOY with 4% glycerol) to 50 X 106 motile sperm/ml and loaded into 0.25 mL straws (30-100 

µl/straw).  Straws were heat sealed, transferred into a sealable plastic bag, submerged in room 

temperature water (100 ml) within a glass container, and cooled to 4°C over a minimum of 2 
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hours in an electric cooler until a refrigerator was reached.  Straws were then frozen using a 

modified two-step protocol [68, 70] and stored in liquid nitrogen.   

Ovarian Synchronization Protocol [31, 53] 

Oral synthetic progestin (altrenogest; Regu-Mate®; 2.2 mg/ml; Merck and Co., Inc., 

Rahway, NJ) was fed once daily for 30 consecutive days at a set dosage (0.044 mg/kg BW).  

After 7 days of progestin withdrawal, females were treated with exogenous gonadotropins (400 

IU of equine chorionic gonadotropin (eCG); 1200 IU/ml; ProspecBio; East Brunswick, NJ) 

administered i.m. followed by pLH (3000 IU of porcine luteinizing hormone (pLH); 10000 

IU/ml ; Sioux Biochemical; Sioux Center, IA) i.m. 82 hours later.  At 39-42 hours after pLH, the 

laparoscopic oviductal artificial insemination (LO-AI) procedure was performed.  

Sperm Thawing and Processing 

Sperm straws were thawed in the air for 10 seconds and then placed into a 38°C water 

bath for 30 seconds.  The contents of each straw were emptied into a 1.5-ml microcentrifuge 

tube, slowly diluted with FOCM-Hepes medium (100-200 µl), and all straw samples were 

combined into one Eppendorf tube.  An initial post-thaw motility was assessed under light 

microscopy at 400X. Separate aliquots were spread across a slide for acrosome assessment, and 

diluted (1:400) in water for a hemocytometer-based count. The remaining sample was 

centrifugated for 8 minutes at 300xg. The supernatant was removed, and each pellet measured to 

resuspend to 15-20 µl total volume, as necessary, for insemination.  The entire volume of each 

diluted pellet was placed onto a sterile petri dish and aspirated into a sterile AI needle.  Post-AI 

motility was assessed by flushing the AI needle with FOCM-Hepes medium and examining the 

sample under light microscopy at 400X magnification.  For pellet thawing (URF), each pellet 

was dropped into a glass test tube with warm FOCM-Hepes (100 µl), mixed gently for 30 

seconds, and then all procedures were identical to the straw thawing process.  

Laparoscopic Oviductal Artificial Insemination (LO-AI) (Figure 1) [1, 31, 41, 53, 71] 

The female ocelots (n=5) were anesthetized to a surgical plane of anesthesia using a 

protocol selected by the housing institution.  The hair was clipped from the ventral abdomen 

(from xiphoid to pubis), and the surgical field was aseptically prepared.  A Verres needle was 

placed in the right caudal abdomen approximately 1-inch caudolateral to the umbilicus by tenting 
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the skin and using manual force to enter the abdomen.  A hand pump was used to insufflate the 

abdominal cavity with un-filtered room air to a uniform tautness.  An ~ 1 cm incision was made 

~ 2-3 cm cranial to the umbilicus and the surgical table was titled at a 20-30° angle with the head 

in a ventral position to the abdomen.  The skin caudal to the incision was grasped and the trocar-

cannula assembly was inserted at a 60° angle to the ventral abdomen with a sharp thrusting 

motion.  The trocar was removed, the laparoscope inserted and attached by a fiberoptic cable to a 

light source.  The laparoscope (10 mm diameter) was used to visualize the ovaries, oviduct, 

and/or uterus for various procedures, using the Verres needle to manipulate abdominal contents 

as necessary.  Both ovaries were examined for follicles, corpora hemorrhagica, corpora lutea, 

corpora albicantia, and cysts [Figure 4.1].  The uterine horns were assessed for tone, symmetry 

and size [Figure 4.1]. The oviducts were examined for distinctness and presence of adequate 

fimbrial tissue for grasping [Figure 4.1].  The camera was attached to the end of the scope, the 

Verres needle removed, and the accessory trocar placed in the same location into the abdomen 

for placement of the grasping forceps.  The oviductal tissue picked up using the grasping forceps 

to roll the bursa laterally and expose the oviduct.  An 18-gauge (18 g, 3.2 cm length; Terumo 

Medical Corporation, Elkton, MD, USA) catheter was placed into the abdomen lateral and 

caudal to the ovary on the left side.  The needle was removed from the catheter and a blunted, 

artificial insemination needle (22 g, 6.8 cm length), derived from the stylet within an i.v. catheter 

(20 g, 5.0 cm length; Sherwood Medical Co.), was attached to a 1-ml syringe and placed through 

the catheter.  The AI needle was inserted into the ampulla via the oviductal opening and the 

sperm was administered as the insemination needle was retracted from the oviduct [Figure 4.1].  

The same procedure was completed on the right side.  Surgical closure of each skin incision 

included 1–2 simple interrupted sutures using 3-0 Monocryl and a small amount of tissue 

adhesive for skin apposition, and the female was allowed to recover.  An incisional block or 

splash block was applied using 1-2 mL of lidocaine or bupivacaine if preferred by the housing 

institution.  

Pregnancy Diagnosis by Fecal Progestins 

Fecal samples were collected three days per week for two months prior to AI and then 

continued for 85 days after AI.  Fecal samples were placed into labeled (name, studbook number, 

institution name, date) plastic bags and immediately frozen (-20°C) for storage until processing.  
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Samples were lyophilized via a freeze dryer (Labconoco Corp., Kansas City, MO, USA) in their 

plastic bags, pulverized into a fine powder, and then weighed (250± 5mg) into labeled 15 ml 

polypropylene conical tubes.  Each sample was then extracted by adding 2.5 ml of 90% ethanol 

(or a 1:10 w:v) overnight on a mechanical rocker (≥12 h).  Extracted samples were then 

centrifuged (1000g, 15 min, Eppendorf, Enfield, CT, USA), supernatants were removed and 

samples stored in 2.0 ml cryovials at -20 °C until analysis.  Procedures for enzyme 

immunoassays (EIAs) were modified from those used by Herrick et al. (2010) [69] and Bateman 

et al. (2009) [72].  Arbor Assays progesterone mini-kit (ISWE003, Arbor Assays, Ann Arbor, 

MI, USA) was used to determine progestogens (this kit included both antibody and HRP).  This 

assay has been previously used in the CREW endocrine laboratory and validated for use in 

ocelots.  Cross reactivities for antiprogesterone were progesterone 100%, 3β-hydroxy-

progesterone 172%, 3α-hydroxy-progesterone 188%, 11β-hydroxy-progesterone 2.7%, 11α-

hydroxy-progesterone 147%, 5α-dihydroprogesterone 7.0%, pregnenolone 5.9%, corticosterone 

<0.1%, and androstenedione <0.1% (Arbor Assays Progesterone Mini-Kit insert #ISWE003). 

Aliquots of sample were diluted in EIA buffer (45.2 mM NaH2PO4, 61.0 mM Na2HPO4, 148 

mM NaCL, 0.1% BSA, 0.0001% Proclin 150, 863.5 mM Tween 20) ranging from 1:200-1:6400; 

samples and standards were analyzed in duplicate.  The assay was incubated for 2 hours with 

HRP-conjugate.  The plates were then run through a plate washer (AquaMax 2000, Molecular 

Devices, San Jose, CA, USA) with wash buffer (85.9 mM Na2HPO4*7H2O, 13.9 mM 

NaH2PO4*H2O, 150.06 mM NaCl, 12.73 mM EDTA, 0.09% Proclin 150, 1.06% Tween 20). 

Then 3,3’,5,5’-tetramethylbenzidine (TMB, Moss Inc., Pasadena, MD, USA) was added to each 

well.  After ~30 minutes of development, a solution of 3% hydrochloric acid (HCl) was added to 

each well to stop the reaction.  The plate was then evaluated for optical density on a plate reader 

(VersaMax Absorbance microplate reader, Molecular Devices, San Jose, CA, USA) at 450 nm. 

Statistical Analyses 

Number of corpora lutea and number of motile sperm (x106) were reported as mean 

values ±  SEM.  All analyses were performed in SPSS 28 with an α= 0.05.  The enzyme 

immunoassays (EIAs) were used to assess patterns in progestogens that would indicate whether 

they were higher than baseline post-AI, remained baseline, or returned to baseline after an 

average ocelot non-pregnant luteal phase (we used 60 days post-AI).  Plates were not held to a 
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high scrutiny of controls (internal QC, inter and intra-assay CVs, dilution fails, etc.) due to only 

needing to observe the high or low concentration of samples post-AI. 

Results 

From 2019 to 2022, semen was collected and cryopreserved from 4 wild male ocelots for 

this study.  Pre-freeze seminal traits are presented in Table 4.1.  From 2020 to 2022, five LO-AI 

procedures have been conducted with generic ocelots ranging in age from three to seven years 

that were housed in North American zoos.  Each female ovulated in response to gonadotropin 

treatment, averaging 3.4 ± 1.36 corpora lutea/female, and were inseminated with an average of 

4.97 ± 1.79 x106 motile frozen-thawed sperm.  Ovulatory response and semen post-thaw 

parameters are presented in Table 4.2 and fecal progesterone profiles for each female are 

presented in Figure 4.3.  Average luteal phase length was 38.5 ± 3.5 days with a range of 30 to 

46 days.  Fecal progesterone assessment was not available for female 5.  No females became 

pregnant following LO-AI in this study. 

Discussion 

     This study represents the first attempt to use frozen semen from wild ocelots for 

artificial insemination procedures.  In non-domestic felids, LO-AI has been successful in six 

species thus far [24, 28, 59], including four ocelot pregnancies resulting in the birth of four 

offspring to date [29, 58] with females housed in zoological institutions.  Since 1995, a total of 

nine pregnancies have been produced using uterine AI (n=3) and oviductal AI (n=6) in ocelots 

using a combination of fresh and/or frozen semen [W. Swanson, personal communication, 

August 8, 2022; 1, 24, 29, 53, 58].  Of these procedures in ocelots, fresh semen was utilized post 

electroejaculation of male cats for two inseminations conducted using the fixed-time LO-AI 

approach described in this study, resulting in two successful pregnancies with two full-term 

offspring [29].  In other wild felids, the use of frozen-thawed spermatozoa stored in semen 

straws produced two successful pregnancies in Pallas cats [28] and sand cats [unpublished data].   

The primary advantage of the LO-AI approach is the reduction of sperm numbers 

required for conception (~1 million motile or less for freshly-collected semen and ~2-8 million 

motile for frozen-thawed semen) [31, 36, unpublished data].  The combination of ovarian 

suppression with subsequent exogenous gonadotropin administration to stimulate follicular 



118 

 

development and ovulation resulted in similar pregnancy percentages with fresh and frozen-

thawed semen in domestic cats [56].  Furthermore, this approach allows the use of sperm of less 

than optimal quality, as seen commonly with wild felid species [76] and/or associated with 

cryopreservation damage [1, 36, 77], by permitting sperm deposition at the site or close to the 

site of fertilization [55].    

In previous studies, ocelots have been reported to produce ~ 90 to 130 x106 total sperm 

per ejaculate which would equate to the completion of ~ 45 oviductal inseminations per 

ejaculate.  Theoretically, this LO-AI approach would substantially increase the distribution of a 

genetically valuable male’s spermatozoa beyond the estimated 10 uterine inseminations that 

could be performed with the same sample [2, 24, 41-42].  While our previous studies report 

similar sperm numbers for free-ranging ocelots, the available number of motile, high quality 

sperm has been limited by sub-optimal seminal quality and the reduced chances of subsequent 

capture.  These obstacles make it imperative to conservatively disperse male genetics and use 

their sperm samples judiciously to enable their widest potential for reproduction.   

The first three procedures performed during this study were likely unsuccessful due to 

substandard pre-freeze seminal traits as compared to human-managed ocelot populations [73-

75], combined with a further decline in seminal quality after thawing.  This was our first attempt 

utilizing urethral catheterization for semen collection combined with ultra-rapid freezing (sperm 

pelleting) for free-ranging ocelots.  Although this method is reported successful with in-vitro 

fertilization procedures with domestic cats, the combination of UC collection with URF has 

never been assessed in vivo [57, 73]; accordingly, this was the first attempt to evaluate these 

methods in vivo for any felid species.  The two additional LO-AI procedures were performed 

with semen collected by electroejaculation and stored via straw cryopreservation technique, with 

the sperm showing superior motility and forward progression both pre-freeze and post-thaw.  

While these sperm samples appeared to be of higher quality compared to the catheter collected 

and URF stored samples, the failure to produce pregnancies was likely related, once again, to 

lower pre-freeze semen quality, possibly associated with reduced genetic variation in this ocelot 

population. The average luteal phase was ~ 38 days during this study for 4 female ocelots in 

which data was available, falling within the estimated luteal phase of ocelots, 1/2 to 1/3 (27 to 55 

days) of the typical gestation (79-85 days) [78].  One female (female #3, Fig. 4.2) demonstrated 

multiple days of progesterone rise after an initial drop at Day 31 post-AI, suggestive of possible 
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pregnancy.   However, progesterone values subsequently fell below baseline around day 55 and 

no kittens were born.  

Prior to LO-AI procedures, our post-thaw evaluation of sperm samples used throughout 

this study showed some functionality with fertilization of domestic cat oocytes in vitro.  

However, the high concentration of sperm numbers within insemination drops, close proximity 

of sperm to the oocytes, and the controlled environment in which these IVF procedures are 

performed, cannot perfectly mimic what is occurring in vivo.  A combination of less than 

optimal semen quality and further damage to cryopreserved sperm may require the use of higher 

sperm numbers when conducting LO-AI procedures with frozen-thawed sperm samples.  

Conversely, the deposition of a large number of deceased sperm could cause an increase in 

inflammation within the oviduct [1] or block viable sperm from binding to oocytes, necessitating 

the removal of dead sperm or the use of less, higher quality sperm for insemination procedures 

[1].  One option for consideration is the use of swim up processing and removal of glycerol by 

using an Accudenz gradient, which improved acrosomal integrity and sperm motility post-thaw 

in cheetahs [79]. 

Although LO-AI helps to overcome barriers to sperm transport to the oviduct, the timing 

of AI and the longevity of sperm samples still could hinder success.  If AI takes place prior to 

ovulation, frozen-thawed sperm may not be viable at the time of ovulation; and if AI takes place 

after ovulation, oocyte quality could decline, decreasing the chances for successful fertilization 

[1].  While use of non-frozen semen for AI would reduce the risk of pre-ovulatory insemination, 

collection of fresh semen from free-ranging felids and subsequent AI with human-managed 

females would be extremely difficult logistically.  First and foremost is the  need to time AI to a 

natural estrous cycle or synchronize ovarian activity and induce ovulation for a fixed time 

procedure.  Because the capture of free-ranging males is sporadic and unpredictable, it is highly 

unlikely that a successful semen collection could be performed in synchrony with the proper 

reproductive status of a captive female.  Finally, the long distances between the geographic 

locations of free-ranging males and zoo-housed females complicates any transport of freshly 

collected semen from the field to the AI facility.   

Further research is required to improve  LO-AI efficacy, including assessing different 

combinations of collection and cryopreservation (EEJ and STRAW vs URF; UC and STRAW vs 

URF) to optimize pre- and post-thaw sperm quality. Additionally, investigating the use of LO-AI 
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in naturally estrus ocelots, induced to ovulate with GnRH agonists, could provide another means 

to perform these procedures with zoo-housed females.  If LO-AI with freshly collected semen 

proves to be essential, one possible solution may be to temporally house free-ranging males at a 

regional zoological facility that manages multiple ocelot females that can be synchronized for 

AIs. If these procedures prove successful, the use of freshly collected semen samples from free-

ranging felids would likely increase our success.  This use of AI to support endangered species 

conservation would not be without precedent.   AI has already proved to be a valuable tool for 

genetic management in another U.S. endangered species, the black-footed ferret (Mustela 

nigripes) [41].  Within this species, application of assisted reproductive techniques has helped to 

address challenges arising with the scarcity of  founders available for recovery [80].  Similarly, 

ocelot populations are being challenged by human-induced population declines that are 

compromising genetic sustainability.   The incorporation of assisted reproductive technologies, 

such as LO-AI, if consistently successful, could substantially benefit ocelot conservation and 

recovery in the US. 
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Figure 4.1: Laparoscopic oviductal artificial insemination procedure. Reproductive tract 

examination, confirmation of ovulation, and artificial insemination into the oviduct of human-

managed ocelots.  *= ovary; ^= bladder; black arrow= corpora lutea; brackets= uterine horn; 

straight black line= colon; dotted line= oviduct; dashed arrow= ovarian follicle; open arrow= 

oviductal opening and entrance of AI needle (silver needle); black open circle= grasping the 

fimbriae of the ovary and opening the oviduct 
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Table 4.1: Pre-freeze and post-thaw seminal traits of Texas ocelots.  Pre-freeze (post-thaw) 

seminal parameters for Texas ocelots included in this study. 

ID MOT FPM ACRO MORPH 
IVF 

STRAW 
IVF URF 

(A)E19M 70 (20*/20**) 4.0 (3.0/2.5) 72 (36*/18**) 59.75 61.5 29.4 

(B)OM341 - (10) - (2.0) - (45) - - 57.1 

(C)OM283 60 (40) 3.0 (3.0) 78 (41) 25.5 - - 

(D)E22M 80 (40) 3.0 (3.0) 61 (32) 27 31.25 - 

 

MOT= percent motility; FPM= forward progressive motility; ACRO= percentage of intact acrosomes; MORPH= 

percent normal morphology; IVF URF= in-vitro fertilization percentage out of mature oocytes for ultra-rapid 

freezing method; IVF STRAW= in-vitro fertilization percentage out of mature oocytes for straw freezing method; 

*URF post-thaw parameters; **STRAW post-thaw parameters 

 

 

 

Table 4.2: Laparoscopic oviductal artificial insemination (LO-AI) procedures and 

outcomes. Response to ovarian synchronization protocol, post-thaw semen parameters, and 

pregnancy status for zoo managed ocelot females.   

Female 

ID 

Corpora 

Lutea 

(LO/RO) 

Follicles 

(LO/RO) 

Motile frozen-

thawed sperm 

(x106) LOv 

Motile frozen-

thawed sperm 

(x106) ROv 

Post-thaw MOT 

(%)/ FPM (0-5) 

LOv 

Post-thaw MOT 

(%) / FPM (0-5) 

ROv 

Pregnancy?/ 

Gestation 

1 4/4 2/0 
5.2 

(PM/STRAW/C) 
5.2 

(PM/STRAW/C) 
40/3.0 40/3.0 NO/- 

2 1/4 1/2 
2.58     

(UC/URF/B) 

4.94     

(UC/URF/A) 
10/2.0 20/3.0 NO/- 

3 1/0 1/1 
1.75 

(UC/STRAW/A) 
- 20/2.5 - NO/- 

4 0/1 0/0 - 
4.42 

(EEJ/STRAW/D) 
- 40/3.5 NO/- 

5 0/2 0/0 - 
0.78 

(EEJ/STRAW/D) 
- 35/3.0 NO/- 

 

 

LO= left ovary; RO= right ovary; LOv- left oviduct; ROv= right oviduct; MOT= percentage of progressive motility; 

FPM= forward progressive motion; sperm collection techniques: PM= post-mortem, UC= urethral catheterization, 

EEJ= electroejaculation; cryopreservation techniques: URF= ultra-rapid freezing, STRAW= straw freezing. Male ID 

letter is reported in parentheses after cryopreservation technique. 
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Figure 4.2: Fecal progesterone profiles of female ocelots. Female number corresponds with 

the number in Table 2. AI, date of laparoscopic oviductal artificial insemination; *, progesterone 

falls below baseline. 
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Conclusion 

The reduction in genetic variation among wild felids and more specifically ocelot and 

bobcat populations in southern Texas [1-5], has the potential to decrease immune and 

reproductive fitness affecting fertility, offspring survival, and susceptibility to various pathogens 

[6-10].  Although genetic decline has been documented, the impact of this decreased genetic 

variability on the general and reproductive health of these populations had not been examined to 

date.  The goals of this research were to assess the general health, pathogen prevalence and/or 

exposure to pathogens, and reproductive health of these populations and further examine the use 

of assisted reproductive technologies, such as semen collection, cryopreservation and artificial 

insemination, to mitigate genetic decline in imperiled populations.  

We reported hematologic and biochemical values for free-ranging ocelot and bobcat 

populations in southern Texas.  Although there were some similarities to reported values from 

other populations of these species, some reported values were unique to this population.  

Additionally, no differences were observed between the sexes for either species as it pertains to 

reference intervals.  Manual differential assessments of blood smears were completed and 

platelet numbers reported from hematology analyzers are different than what was observed 

during visual assessment of blood smears.  Multiple pathogens or evidence of exposure to 

pathogens were prevalent in these populations with the most common among those being FIV, 

Toxoplasma gondii, and Hepatozoon spp.  Males were more likely to test positive or test positive 

for exposure to most pathogens assessed in this study and this may be attributed to a difference 

in male behavior, such as territorial disputes, grooming habits, and group gathering, between the 

sexes.   

Both species carried many intestinal parasites with the most common being roundworms, 

hookworms, and protozoa.  While present in abundance in these populations, emaciation and was 

not noted for any individuals suggesting coexistence with these pathogens was not causing 

obvious physical decline.  The most common ectoparasites identified were Dermacentor 

variabilis (the American dog tick) and Pulex spp. (fleas).  Overall, bobcats had a higher presence 

of ectoparasites and males had a mild increase in parasite load for both species.  This may be 

attributed to the longer hair coat of bobcats causing a physical barrier to effective ectoparasite 

removal, and a lack of cross-grooming behavior for males that is sometimes observed in females.  

While many ectoparasites and their associated vector-borne pathogens were identified within our 
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populations, clinical disease was not observed for any individuals suggesting an early disease 

process or the ability of these populations to thrive with chronic pathogen exposure and presence 

over time. 

Over time (from 1985-present), most pathogens were detected throughout this time 

period without consistent increasing or decreasing trends; however, two pathogens (Leishmania 

spp. and Ehrlichia spp.) were only detected in recent years and were not found in any of the 

archived samples prior to 2019.  This could suggest a recent increased exposure, increased 

susceptibility to Leishmania spp. in ocelots and Ehrlichia spp. in bobcats, a change in disease 

dynamics or vector, and/or or a lack of power as a result of a fewer animals tested in earlier 

years.  While there were differences in blood values associated with the presence of pathogens or 

exposure to pathogens, none of those values fell outside of our reported blood values for this 

population.  Additionally, physical examinations did not reveal any abnormalities suggesting 

subclinical infections or that individuals were fully recovered from any prior illness. 

The next goal of this research was to describe the reproductive health and normative 

seminal traits of ocelots and bobcats in southern Texas.  Urethral catheterization (UC) was 

effective for sperm collection and characterization of baseline seminal traits in free-ranging 

ocelots and bobcats with both species exhibiting teratospermia, suggested to be associated with 

declining genetic diversity in other species [11-14].  Additionally, ocelot populations in this 

region of Texas had lower seminal quality as compared to more genetically robust populations 

managed within North American zoos suggesting reproductive health may be reduced in this 

closely related population.  Bobcats had superior semen quality in the spring months of our study 

season (March and April) as compared to winter months, similar to other species within the same 

genus [15], but showed low sperm numbers overall and the presence of genital abnormalities 

frequently seen as a result of inbreeding events [16-22].  Urine contamination was the most 

common challenge faced when using the UC technique, rendering our urine contaminated 

samples non-viable for further assessment of assisted reproductive technologies. There was not a 

dosage effect of medetomidine in this study for sperm release; however, use of greater dosages 

or conversion to dexmedetomidine in these species would yield sperm of higher quality and 

quantity using the UC technique.  For ocelots, electroejaculation (EEJ) allowed for additional 

recovery of spermic samples of higher quality as compared to the UC collected samples, similar 
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to previous reports [23-25], and regardless of urine contamination, EEJ-recovered sperm samples 

maintained greater viability for cryopreservation.   

While there were no differences in oocyte cleavage rate or sperm quality parameters post-

thaw with either cryopreservation method for either species, post-thaw sperm quality was 

significantly affected over time with significant declines in acrosomal integrity, percent motility, 

and forward progression.  These declines increase concern for sperm viability and longevity 

within the female reproductive tract, possibly reducing the likelihood of successful sperm 

capacitation, fertilization, and embryo development, which are essential factors for successful 

reproduction [26-31].  For bobcats, previous studies have examined straw cryopreservation of 

samples collected by EEJ, using egg-yolk based cryomedium [32] that increases the risk of 

bacterial contamination, raises regulatory concerns, and hinders international collaboration and 

movement of samples.  During this study, soy-based medium was effective for cryopreservation 

of bobcat spermatozoa, with the added benefit of being free of any animal-based proteins.  While 

fertilization in vitro was successful for both species using all methods employed in this study, the 

assessment of frozen-thawed semen in-vivo was only examined in ocelots.    

Lastly, laparoscopic oviductal artificial insemination was used to help determine the in 

vivo viability of frozen-thawed sperm samples sourced from free-ranging male ocelots.  This 

technique allows the utilization of reduced sperm numbers [33-34] and/or sperm samples of 

diminished quality [34, 35-37] by depositing the sperm near the site of fertilization [38].  With 

the first three attempts, using a combination of sperm samples collected by catheterization or 

post-mortem and frozen by ultra-rapid freezing or straw freezing, there were no pregnancies.  

Two additional procedures were conducted using a combination of sperm collected by 

electroejaculation and frozen by straw freezing; however, those procedures also did not result in 

any pregnancies.  All females responded to our ovarian synchronization protocol and had normal 

corpora lutea and non-pregnant luteal phases suggesting the combination of oral progestin, eCG 

and pLH to be sufficient for use in timed-LO-AI procedures, similar to previous reports using 

this protocol [33, 39].  In contrast, our pre-freeze seminal traits were sub-optimal compared to 

human-managed ocelots [23-24, 40] and post-thaw parameters declined substantially prior to AI.  

We suspect this decline in seminal quality combined with cryopreservation damage decreased 

the likelihood of successful fertilization and pregnancies.  
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While no specific level or percentage of inbreeding compromising health is defined, 

genetic homozygosity is not necessarily detrimental if there is no consequence to immune fitness 

or overall health [41].  On the contrary, low genetic diversity can have a significant effect on 

disease susceptibility and offspring survival, ultimately affecting the overall survival of the 

population [10, 42-44].  Furthermore, inbreeding has been shown to affect reproductive success 

by producing smaller litter sizes [45-46], decreases in offspring quality [47-49], lower survival 

rates [46-50], and declines in semen quality [11-14, 16, 47, 51-54].  While our populations did 

not demonstrate declines in general health, they did exhibit possible impacts to their reproductive 

health. 

Overall, sperm samples from free-ranging ocelots in southern Texas were of decreased 

quality compared to human-managed populations suggesting a decline in reproductive health of 

these populations possibly associated with lower genetic diversity.  While bobcats exhibited low 

sperm numbers, similar to other species within the same genus, they also exhibited signs of 

inbreeding (cryptorchidism and a persistent penile frenulum) suggesting bobcats in southern 

Texas may be affected by small populations sizes and fragmented landscape, similar to ocelots.  

Use of EEJ and straw cryopreservation was the most successful combination for free-ranging 

ocelots in this study and allowed the recovery of viable sperm samples despite urine 

contamination.  For bobcats, UC and ultra-rapid freezing proved to be an effective combination 

for collection and cryopreservation of spermatozoa in a field-setting; however, the investigation 

into alternative methods could prove useful for the collection of sperm samples of higher quality 

and for improving cryopreservation techniques.  In vivo viability of wild Texas ocelot sperm 

samples were assessed with LO-AI, but thus far, have not produced pregnancies. This may 

require the use of higher sperm numbers, a lower number of higher quality sperm using selection 

processes [36, 54-55], and/or the combination of natural estrous females or fresh sperm for LO-

AI procedures.  Additionally, in-vivo viability of frozen semen would need to be further 

evaluated for bobcats.  Many wild felid populations are challenged by population declines due to 

genetic restriction; accordingly, incorporation of these technologies into population management, 

if proven successful, could support conservation and recovery of felid species on a global scale.   
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